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Abstract 
Rising atmospheric CO2 concentration may increase plant productivity through the “CO2 
fertilization effect”, which may in turn increase the input of carbon (C) to soils through 
rhizodeposition or plant residues. However, whether this increase in C input to soils results in 
greater soil C storage is not clear, as the decomposition of different forms of organic matter 
and the role of the rhizosphere in the decomposition process remain poorly understood. In 
this thesis, I investigated the interactions between plant C dynamics and soil microbial 
processes, and how these interactions control C and nutrient cycling in forest soils. I 
manipulated soil carbon supply from trees to the rhizosphere both in mesocosms and in the 
field through either canopy shading or soil trenching. This allowed me to investigate the 
effect of assimilate C supply on the decomposition of 13C-labelled substrates of varying 
chemical compositions and structural complexities (glucose, straw, fungal necromass or 
biochar), and their combined effect on soil organic matter (SOM) decomposition. I found that 
plant C supply to the rhizosphere had no significant effect on the decomposition of substrates. 
Similarly, the presence of roots and their associated mycorrhizal fungi had no significant 
effect on litter mass loss. However, it was found that supply of C from plant to the 
rhizosphere promoted SOM decomposition by up to two-fold in soils amended with 
substrates. Although, the addition of both simple and complex substrates stimulated the 
activities of C, N and P- degrading enzymes, I observed that the activities of these enzymes 
were significantly greater in soils where a labile substrate (glucose) had been added. The 
increased activities of C-degrading enzymes suggest that microorganisms were C limited, and 
the input of labile C substrate alleviated C and energy limitation of enzyme production, 
allowing microbial communities to mobilize nutrients from decomposition of native SOM. 
This thesis demonstrates that substrate quality influences SOM decomposition, and that 
increased availability of labile substrates to the rhizosphere may have implications on forest 
soil C stocks.  
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Chapter 1 
General Introduction 
Since the start of the industrial era at around 1750, there has been an increase in the 
atmospheric concentration of greenhouse gases (GHGs) - carbon dioxide (CO2), methane 
(CH4) and nitrous oxide (N2O). Anthropogenic emissions, mainly from the combustion of 
fossils fuel, cement production and land use change have increased atmospheric CO2 
concentrations by about 40% between 1750 and 2013 (Le Quéré et al. 2015). Although 
anthropogenic emissions of CO2 are the main drivers of climate change, GHGs fluxes from 
plants, animals and microbial communities (collectively called biogenic emissions) due to 
natural or anthropogenic disturbances, also contribute significantly to climate change (Tian et 
al. 2016). More than half of these CO2 emissions are absorbed by ocean and terrestrial sinks 
while the rest accumulate in the atmosphere (Fig. 1.1) (Le Quéré et al. 2015). Terrestrial C 
uptake is largely through increased plant productivity stimulated by rising atmospheric CO2, 
increased nutrient availability, warming and rainfall changes (Ciais et al. 2013; Le Quéré et 
al. 2015). 
 
Figure 1.1 The global carbon cycle showing changes in carbon flows between the 
atmosphere, ocean and land caused by anthropogenic activities for the decade 2004 – 2013. 
Adapted from Le Quéré et al. (2015). 
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1.1 Forest C cycle and climate change 
Forest ecosystems are the primary terrestrial C sink, storing about 45% of terrestrial C and 
sequestering large amounts of C annually mainly in soils as soil organic matter (SOM) 
(Bonan 2008; Pan et al. 2011). Forests cover about 4000 M ha, which is equivalent to 31% of 
global land cover (Keenan et al. 2015). Temperate forests exchange large amounts of CO2 
with the atmosphere through soil respiration (soil CO2 efflux), which is the largest C flux 
between the soil and atmosphere and mainly driven by microbial decomposition of SOM 
(Bradford et al. 2016). Forests therefore play a major role in global C cycle; hence we need to 
understand the effects of changing environmental conditions on biogeochemical processes 
and soil C stocks in forest ecosystems.  
Elevated atmospheric CO2 resulting from increased GHG emissions has resulted in climate 
change. The direct link between increasing atmospheric CO2 emissions and global 
temperature has been demonstrated by global climate models (Ciais et al. 2013). The global 
surface temperature has increased by an average of 0.78 ⁰C in the past century, and is 
projected to increase by up to 2 ⁰C by 2100 if GHG emissions continue to rise at the current 
rate (Ciais et al. 2013). In addition to global warming, elevated GHG emissions will also 
change precipitation events and heat extremes, resulting in stronger droughts and forest fires 
(Ciais et al. 2013). All of these events could influence ecosystem processes such as 
photosynthesis, belowground C allocation, respiration, and nutrient cycling, which in turn 
affect soil C stocks and the sequestration ability of these terrestrial sinks (DeAngelis et al. 
2015; Peng et al. 2015; Pold et al. 2016; Chen et al. 2017, 2018).  
Both empirical and modelling studies suggest that rising atmospheric CO2 concentration 
increases photosynthesis and net primary productivity (NPP) of forests through the CO2 
fertilization effect (Norby et al. 2005; Piao et al. 2013). In a long term (12 years) Free Air 
CO2 Enrichment (FACE) study, NPP was enhanced by about 23% per year after exposure to 
elevated CO2 (Zak et al. 2011). In a mature eucalypt forest, no significant increase in NPP 
was observed despite the increases in  photosynthesis after three years of exposure to elevated 
CO2 (Ellsworth et al. 2017), which was attributed to phosphorus (P) limitation as NPP 
increased by 35% in  P amended treatments. Similarly, (Norby et al. 2010) reported that N 
limitation constrained productivity in forests exposed to elevated CO2. As plant productivity 
increases, C and nutrient cycling is also enhanced to support plant productivity, which may 
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result in minor changes in soil C stocks (Drake et al. 2011; Phillips et al. 2012). The extent to 
which the terrestrial C sink will offset climate change therefore still remains an important 
question (Sun et al. 2017; Liu et al. 2018).  
 
1.2 Soil CO2 efflux 
Soil respiration (soil CO2 efflux, RS) is the main route by which C fixed by forest trees during 
photosynthesis returns back to the atmosphere (Janssens et al. 2001), contributing up to 60-
80% of total ecosystem respiration (Matteucci et al. 2015). RS can be partitioned into 
respiration by roots and associated rhizosphere microorganisms (autotrophic respiration, RA) 
and the decomposition of dead organic matter by heterotrophic organisms (heterotrophic 
respiration, RH) (Hanson et al. 2000; Subke, Inglima & Cotrufo 2006). The dynamics of these 
components of RS vary within and among ecosystems, and these variations are driven by both 
abiotic and biotic factors such as temperature, moisture, N availability, aboveground plant 
community and photosynthetic activity (Subke et al. 2006). RS and its components are likely 
to change due to the effects of global change factors such as increase in CO2 concentrations, 
temperature, moisture content or N deposition (Wu et al. 2011; Hopkins et al. 2013; Moinet 
et al. 2016; Liu et al. 2018).  
Decomposition is a key biogeochemical process underlying the cycling of C and nutrients 
within terrestrial ecosystems, and between the biosphere and the atmosphere (Schlesinger & 
Bernhardt 2013; Bradford et al. 2016). It arises from the activities of free-living saprotrophs 
and mycorrhizal fungi that break down complex organic matter in soils into simpler forms 
that can be utilized for growth and metabolism (Swift, Heal & Anderson 1979). Although 
climatic factors, litter quality and decomposers are considered to be the primary drivers of 
decomposition rates (k) (Swift et al. 1979; Bradford et al. 2016), decomposing organisms 
dynamics are not well represented in most ecosystem models. The rates of litter mass loss 
have therefore been extensively related to temperature, precipitation (using indices such as 
actual or potential evapotranspiration), C:N ratios, lignin contents and lignin-N ratios 
(Hobbie 1996; Moorhead et al. 1999; Zhang et al. 2008; Bradford et al. 2017; Sun et al. 
2018). In a meta-analytical study of 293 k-values from 70 studies, litter quality factors (C:N 
ratio and total nutrient content of the litter) were found to be the dominant controls of 
decomposition rates (Zhang et al. 2008). Another synthesis of published studies demonstrated 
that decomposition was mainly influenced by plant functional traits (Cornwell et al. 2008). 
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There is evidence that plant functional traits influence the composition and functioning of soil 
microbial community through the nature of the litter, soils, mycorrhizal fungi associated with 
tree roots and the rhizosphere (reviewed by Prescott and Grayston, 2013). Plant species can 
determine litter quality and soil nutrient contents, and therefore influence decomposition 
rates. For instance, studies have shown that deciduous broadleaf litter decompose at a faster 
rate than evergreen coniferous litters (Gholz et al. 2000; Prescott et al. 2000), but this can be 
dependent on the interaction between litter type and the decomposer environment (Freschet, 
Aerts & Cornelissen 2012; Keiser et al. 2014). However, these interactions between plant and 
microbial communities remain elusive. Given that elevated CO2 and its associated global 
warming influences plant-soil interactions (Phillips, Finzi & Bernhardt 2011; Terrer et al. 
2018), it is expedient to understand the interactions between plant processes and microbial 
processes that mediate C input and decomposition of SOM in order to improve terrestrial 
ecosystem models (Paterson & Sim 2013). 
Microorganisms carry out many ecosystem processes such as decomposition. However, the 
assumption that the influence of the composition and structure of decomposer community on 
decomposition rates are negligible at regional to global scales and only relevant at local 
scales (microsites) (Swift et al. 1979), and the poor understanding of the role and response of 
microorganisms to environmental changes confounds their inclusion in ecosystem models 
(Prescott & Grayston 2013). Earlier studies found no relationship between microbial 
diversity/composition and soil processes, and therefore suggested redundancy in microbial 
functions, whereby changes in microbial community composition had no effect on 
decomposition (Nannipieri et al. 2003; Wertz et al. 2006). However, this idea of ‘functional 
similarity/equivalence’ has been challenged, as differences in microbial community 
composition have been observed to affect soil processes such as decomposition (Vivanco & 
Austin 2008; Strickland et al. 2009a; b; Fontaine et al. 2011; Keiser et al. 2011, 2014). For 
example, litter decomposes at a faster rate in ecosystems where they naturally occur, termed 
‘home-field advantage’ (Gholz et al. 2000; Vivanco & Austin 2008; Ayres et al. 2009; Keiser 
et al. 2011, 2014). The relationship between decomposer community composition and 
ecosystem functioning is relevant in the context of rapid global change, to predict the 
response of ecosystems to future environmental conditions.   
 
1.3 Priming effect 
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Carbon enters into the soil mainly as plant detritus (litter), which is incorporated into SOM 
through litter decomposition (Swift et al. 1979; Cotrufo et al. 2015). C also enters into soils 
through living roots as soluble exudates, sloughed off root cells, and other secretions, a 
process referred to as rhizodeposition (Jones, Nguyen & Finlay 2009). Glucose is the 
predominant sugar in rhizodeposits (Derrien, Marol & Balesdent 2004) and also a 
decomposition product of the polysaccharides in plant litter (Kuzyakov 2010). The ready 
availability of rhizodeposits creates hotspots of microbial activities in soils, especially in the 
rhizosphere (Kuzyakov & Blagodatskaya 2015). Carbon inputs to forest soils are determined 
by NPP, the amount of litter, and microbial activities (Gómez-Guerrero & Doane 2018). 
Under elevated CO2, C input to the soil is likely to increase as a result of enhanced primary 
productivity of plants and enhanced root growth  (Zak et al. 2000, 2011; Norby et al. 2005; 
Phillips et al. 2011; Kuzyakov et al. 2019). Furthermore, pyrogenic C input is likely to 
increase in future due to increasing fire frequency and severity (Flannigan et al. 2013). This 
has great implication for forest soil C stocks.   
The supply of fresh C into the soil may influence the decomposition of SOM, thereby 
affecting soil C stocks, a phenomenon referred to as “the priming effect”. The priming effect 
(PE) is defined as the short-term changes in the turnover of SOM caused by the addition of 
labile C source, organic or mineral fertilizer, root exudation, or drying and rewetting of the 
soil (Kuzyakov, Friedel & Stahra 2000). The change can either be an acceleration of soil C 
and N mineralization (positive PE) or its reduction (negative PE) as illustrated in Fig. 1.2.  
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Figure 1.2 Priming effect of substrate addition on C or N mineralization in soils. (a) 
acceleration of C or N mineralization (positive priming effect), (b) retardation of C or N 
mineralization (negative priming effect). Diagram modified from Kuzyakov et al. 
(2000). 
The source of the CO2 released from the soil following the input of substrate C can be used to 
classify PEs into ‘apparent’ or ‘real’, which are indicated by the PE dynamics and the amount 
of the extra CO2 released (Kuzyakov 2010). ‘Apparent’ PEs occur when the additional CO2 is 
not related to the turnover of SOM but originates due to the activation of microbial 
metabolism and higher microbial biomass turnover. ‘Real’ PEs on the other hand, are caused 
by the accelerated activity of soil microorganisms, leading to enhanced turnover of SOM. 
Apparent PEs usually occur shortly (within the first 3 days) after the substrate input, or when 
the substrate is available in trace amounts (De Nobili et al. 2001), whereas real PEs occur 
over the longer term, when easily available substrates are added in amounts greater than 
microbial biomass (Blagodatskaya & Kuzyakov 2008; Blagodatskaya et al. 2011a). Real PEs 
can also be induced by the input of complex substrates, which require the synthesis of 
enzymes to decompose the complex compounds (Blagodatskaya et al. 2011b, 2014a). 
Synthesis of 170 PE experiments showed that the PE was more pronounced at the early stage 
of experiments, when PEs were as large as 67% in the first few days after C input, but 
reduced to about 10% by the third week and remained stable afterwards (Luo, Wang & Sun 
2016). This indicates that PEs following the addition of easily available substrates such as 
glucose in short-term incubations may reflect ‘apparent’ rather than ‘real’ PEs. Thus, 
assessing the dynamics of PEs over an incubation period of several weeks after substrate 
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addition is required to distinguish real from apparent PEs, rather than focusing on the average 
PE observed over the period of incubation (Nottingham et al. 2009; Kuzyakov 2010). 
Furthermore, changes in microbial biomass C can be compared to the extra CO2 released 
using three-source isotopic partitioning of C sources between substrate, soil and microbial 
biomass to separate apparent and real PEs (Kuzyakov & Bol 2004, 2006, Blagodatskaya et al. 
2011a, 2014a; Wang et al. 2015b). 
The magnitude and direction of the PE is dependent on the quantity and quality of fresh C 
inputs (Blagodatskaya et al. 2011a; Paterson & Sim 2013; Zhang, Wang & Wang 2013; 
Wang et al. 2015b; Liu et al. 2017; Shahbaz et al. 2017b) and nutrient availability 
(Blagodatskaya et al. 2007; Chen et al. 2014; Nottingham et al. 2015; Kumar, Kuzyakov & 
Pausch 2016; Fang et al. 2018). PEs generally increase with increasing concentration of C 
input towards a saturation point (Blagodatskaya & Kuzyakov 2008; Kuzyakov 2010). 
Positive, negative or no priming has been observed in the presence of a range of substrates, 
ranging from low molecular weight, readily available substrates to structurally complex, 
recalcitrant substrates (Subke et al. 2004; Blagodatskaya et al. 2009, 2014a; Luo et al. 2017b; 
Jackson et al. 2019). The quality of substrates is related to their accessibility to 
microorganisms, C:N ratio and the concentrations of recalcitrant fractions (Chen et al. 2014). 
A meta-analysis showed that PEs were not significantly different between treatments 
amended with either simple or complex substrates, where simple substrates referred to 
soluble, low molecular weight substrates that are readily available for microbial utilization, 
whereas complex substrates referred to polymerised C molecules that require more energy 
and nutrient investments for decomposition (Luo et al. 2016). However, other studies 
suggested that complex substrates will induce a greater ‘real’ PE than simple (high quality) 
substrates (Blagodatskaya & Kuzyakov 2008; Fontaine et al. 2011). In one incubation study, 
the addition of root residues that had high amounts of lignin, suberin and low N induced a 
rapid and stronger PE than leaves and stems, despite similar C:N ratio between roots and 
leaves (Shahbaz et al. 2017b). Since C enters the soil in different forms, it is imperative to 
compare the effects of the substrates of varying microbial availabilities and chemical 
structures on the release of C from soils.  
Soil properties such as organic C and N content can influence the magnitude and direction of 
PEs. A meta-analysis showed that PE was greater in N-poor soils with high soil organic C 
(SOC) contents (i.e. a high C:N ratio), compared to soils with higher N content and lower 
C:N ratios (Zhang et al. 2013). Chen et al. (2014) observed a strong interaction of fresh C 
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input with mineral N additions; SOM decomposition was higher in soils amended with both 
sucrose and mineral N than in sucrose only treatments. However, they did not observe this 
dynamic when a more complex substrate – maize-straw was added, as SOM decomposition 
was not significantly different in maize straw only and maize+N treatments.  
Forest burning or wildfires inputs C into soils as pyrogenic organic matter (hereafter called 
biochar). Biochar is also added to soils as an amendment to improve soil fertility and 
sequester C in order to mitigate climate change (Sohi et al. 2010). The priming potential of 
biochar has received increased attention in recent years. Although, the purported capability of 
biochar to mitigate climate change relies on its relative recalcitrance against microbial 
decomposition, contradictory results of positive, negative and absence of PE have been 
reported in the presence of biochar (Cross & Sohi 2011; Zimmerman, Gao & Ahn 2011; 
Stewart et al. 2013; Cheng et al. 2017; Luo et al. 2017b; Zimmerman & Ouyang 2019). By 
synthesizing data from biochar incubation studies, Maestrini, Nannipieri & Abiven (2015) 
reported that biochar amendment of soils induced positive PEs within the first 20 days of 
biochar addition, after which negative PEs occurred over the longer term. However, a recent 
study concluded that addition of biochar at the rate of 10 mg C (g soil)-1 reduced SOM 
decomposition, which was observed as early as day two, but stimulated SOM decomposition 
when added at lower quantities (DeCiucies et al. 2018). Thus, the PE of biochar remains 
inconsistent, probably due to the highly variable chemistry of different types of biochar.  
 
1.4 Rhizosphere and the priming effect 
Whereas most priming effects have been conducted in root-free soils (e.g. Blagodatskaya et 
al. 2011a, 2014, Wang et al. 2015a), there is increasing evidence that the presence of plant 
roots significantly influences SOM decomposition (Huo, Luo & Cheng 2017). The 
stimulation or retardation of soil C decomposition in the presence of roots and their 
associated mycorrhizal fungi, when compared to root-free soils, is referred to as the 
rhizosphere priming effect (RPE) (Kuzyakov 2002). A significant fraction (up to 17%) of 
assimilated C enters into the soil as rhizodeposits, which are important energy sources for the 
microbial production of extracellular enzymes that break down SOM (Schimel & Weintraub 
2003; Averill & Finzi 2011). Changes in SOM turnover from 50% retardation to about four-
fold acceleration have been reported in the presence of plants compared to un-planted soils 
(Cheng et al. 2014; Yin et al. 2018). Roots affect SOM decomposition by releasing C into the 
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rhizosphere either as root exudates or through their symbiotic association with mycorrhizal 
fungi. The supply of these C inputs can either accelerate SOM decomposition by stimulating 
rhizospheric microbial growth and enzyme production (Drake et al. 2011; Brzostek et al. 
2013, 2015) or retard SOM decomposition by inducing rhizosphere microbes to immobilize 
nutrients, thereby inhibiting the activities of free-living saprotrophs (Gadgil & Gadgil 1975; 
Lindahl, De Boer & Finlay 2010).  
Most plant roots form symbiotic associations with mycorrhizal fungi, which are critical for 
terrestrial biogeochemical cycling and plant growth (Averill & Finzi 2011; Phillips et al. 
2012; Averill, Turner & Finzi 2014; Yin, Wheeler & Phillips 2014; Brzostek et al. 2015). 
Ectomycorrhizal (ECM) and arbuscular mycorrhizal (AM) fungi are the most prevalent 
mycorrhizal groups; ECM fungi dominate in most temperate and boreal forest ecosystems, 
whereas AM fungi dominate in grasslands and tropical forests (Smith & Read 2002). Plants 
allocate up to 22% of C assimilated during photosynthesis to the ECM fungi (Hobbie 2006). 
In return, ECM fungi improve the nutrient uptake of the host plants by releasing extracellular 
enzymes for the decomposition of SOM (Talbot, Allison & Treseder 2008; Talbot et al. 2015; 
Drake et al. 2011; Phillips et al. 2012). The mycorrhizal association of plants may affect 
ecosystem C and nutrient cycling, with feedbacks to global changes (Sulman et al. 2017; 
Terrer et al. 2018). Across a synthesis of plant biomass from 83 elevated CO2 experiments, 
Terrer et al. (2016) reported that under low N availability, plants associated with ECM fungi 
were able to increase both aboveground and belowground biomass under elevated CO2, 
whereas plants associated with AM fungi could not. ECM plants have also been reported to 
have higher exudation rates, which stimulates microbial activities and extracellular enzyme 
production, and thus induce stronger RPE than AM plants (Phillips & Fahey 2006; Yin et al. 
2014; Sulman et al. 2017). Other studies have demonstrate greater C storage with ECM 
fungi, by competing with free-living saprotrophs for resource, thereby inhibiting SOM 
decomposition (Orwin et al. 2011; Averill & Hawkes 2016). Under a changing environment, 
elevated CO2 conditions could therefore lead to loss or storage of soil C in ECM-dominated 
ecosystems and positive or negative feedback to climate. Thus, the role of ECM fungi in 
decomposition and priming is of increasing interest (Talbot et al. 2008, 2013; Phillips, Ward 
& Jones 2014; Lindahl & Tunlid 2015). 
 
1.5 Mechanisms of priming effect 
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A range of effects of fresh C inputs on SOM decomposition have been reported, with 
positive, negative or no PE observed. This has led to the suggestion of several theories to 
explain the mechanisms of PE, such as microbial activation and cometabolism (Kuzyakov et 
al. 2000), preferential substrate utilization (Cheng 1999), shift in microbial communities 
(Fontaine, Mariotti & Abbadie 2003; Fontaine & Barot 2005), and microbial nutrient mining 
(Moorhead & Sinsabaugh 2006; Craine, Morrow & Fierer 2007).   
The ‘microbial activation’ hypothesis (Kuzyakov et al. 2000) suggests that the input of easily 
available substrates stimulates microbial growth in soils and leads to the production of 
extracellular enzymes and co-metabolic decomposition of old SOM (Zhu et al. 2014). Low 
input of C may fail to induce priming, as the C input may not sufficient to supply energy 
required for microbial growth and activity (Blagodatskaya & Kuzyakov 2008). 
The ‘microbial nutrient mining’ hypothesis (Craine et al. 2007) suggests that, as microbial 
demand for nutrients stored in SOM increases with the input of fresh C, microbes utilize the 
added C as energy sources for the production of extracellular enzymes to decompose SOM to 
release nutrients. In low-nutrient soils, the addition of labile, simple substrates further 
exacerbates microbial nutrient limitation and therefore may induce greater PE than the input 
of complex substrates of lower microbial availability (Chen et al. 2014; Wang et al. 2015a). 
As N is a limiting nutrient in temperate forest ecosystems (Ramirez, Craine & Fierer 2012), 
and microbes and plants compete for available N; trees will likely release more exudates into 
the rhizosphere to promote the mineralization of SOM by stimulating the growth and 
activities of microbes (Bengtson, Barker & Grayston 2012; Phillips et al. 2012; Zhu et al. 
2014; Fang et al. 2018; Yin et al. 2018). 
Priming effects have also been explained based on the conceptual view that microbial 
communities vary in their capacity to utilize SOM, and the competition between these 
microbial communities for  the added C substrates (Fontaine et al. 2003, 2011). The addition 
of fresh labile C stimulates the activities of fast growing, microbial groups that are 
specialized in using the labile C (r-strategists), out-competing the slow-growing 
microorganisms (K-strategists). Upon substrate depletion, r-strategists lose their competitive 
ability leading to the dominance of K-strategists that are specialized in the utilization of 
complex, more recalcitrant SOM (Fontaine et al. 2003). Structural changes in microbial 
communities have been reported after the addition of substrates, where dominance of 
bacterial biomarkers was observed during early stages of substrate utilization, followed by 
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the dominance of fungal biomarkers in the late stages of priming (Fontaine et al. 2011; 
Blagodatskaya et al. 2014a). Chen et al. (2014) measured the specific growth rate of 
microbial communities to differentiate between fast-growing r- and slow-growing 
K-strategists in soils following the addition of sucrose or maize with or without mineral N. 
They reported that r-strategists were responsible for the PE observed in the presence of 
available C and higher N availability, whereas N limitation induced a shift in the microbial 
community from r- to K- strategists. 
Negative PEs have often been explained as a result of ‘preferential substrate utilization’, i.e. 
microbes switch from the decomposition of less available SOM to the utilization of the added 
C substrate to obtain C and energy (Kuzyakov & Bol 2006; Blagodatskaya et al. 2007; Wang 
et al. 2016a). This may occur when r-strategists dominate the utilization of readily available, 
high quality substrates (Dorodnikov et al. 2009; Dijkstra et al. 2013). In an incubation 
experiment, a negative PE was observed when glucose was added into the soil in large 
amount (4.87 mg C (g soil)-1) along with mineral N, whereas no PE occurred in the absence 
of N (Blagodatskaya et al. 2007). The addition of  fresh organic matter (leaves and stalks) 
into forest soils characterized by recalcitrant litter that is not readily available for microbial 
utilization resulted in a strong negative PE in the first few days of substrate addition (Wang et 
al. 2015a).  
In reality, the above mechanisms may occur in succession. Temporal dynamics of PE showed 
that the addition of cellulose to soil resulted in an initial negative PE in the first two weeks of 
substrate addition caused by a shift from SOM to cellulose decomposition, and subsequent 
significant increases in enzyme activities and changes in microbial community structure 
resulting in a positive PE in the later stages of decomposition (Blagodatskaya et al. 2014a). 
 
1.6 Microbial enzyme activities 
Soil microbes mediate decomposition of litter or SOM to acquire energy and release nutrients 
by releasing extracellular enzymes in to the soil to catalyse the rate-limiting step of 
decomposition (Stone, DeForest & Plante 2014; Allison, Chacon & German 2014; Chen et al. 
2018). Understanding the dynamics of microbial communities, including the expression of 
extracellular enzymes, is pivotal for determining the mechanisms underlying PEs. A wide 
range of extracellular enzymes have been associated with C and nutrient cycling in soils, 
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including hydrolytic and oxidative enzymes that decompose substrates of varying 
composition and complexity (Sinsabaugh & Shah 2011). Cellulases are a group of hydrolytic 
enzymes produced for the decomposition of polysaccharides to acquire C; they include α-1,4-
glucosidase (AG), β-1,4-glucosidase (BG), cellobiohydrolase (CBH) and β-1,4-xylosidase 
(BX). Enzymes that target chitin, protein and urea to acquire N are β-1,4-N-acetyl-
glucosaminidase (NAG), leucine aminopeptidase (LAP) and urease respectively. Acid 
phosphatase (AP) and alkaline phosphatase are involved in P acquisition by cleaving 
phosphate ions from P- containing organic compounds (Jian et al. 2016). Phenol oxidase, also 
called laccase and peroxidase are the most commonly assayed oxidative enzymes involved in 
the degradation of lignin (Sinsabaugh 2010). Extracellular enzyme activities are linked to 
microbial community dynamics that drive SOM decomposition, however the role of 
belowground C flux in influencing the activities of different extracellular enzymes remains 
unclear.  
The production and expression of extracellular enzymes is determined by the availability of 
resources (Sinsabaugh et al. 2008; Sinsabaugh, Hill & Follstad Shah 2009). Global changes 
may therefore influence the production and activities of extracellular enzymes. Under 
elevated atmospheric CO2, (at the Duke forest FACE site; (Phillips et al. 2011), NAG was 
found to have a strong positive correlation with exudation rates in the rhizosphere of 
unfertilized soils but no association was observed in fertilized soils, which suggests that labile 
C from roots enhances N mining and increases SOM decomposition. The disruption of root C 
input to a pine forest soil in Sweden led to a shift in microbial community structure, whereby 
a major reduction in ECM fungi resulted in an increased abundance of free-living saprotrophs 
(Lindahl et al. 2010). This shift in fungal community was associated with increased activities 
of cellulases and laccase, indicative of C limitation of saprotrophs as they do not receive C 
from roots like ECM fungi do. Extracellular enzyme activities are therefore pivotal to 
understanding the fate of C in forest soils. 
It has generally been assumed that saprotrophic fungi are the primary decomposers of SOM 
in soils (Bërg & McClaugherty 2008; García-Palacios et al. 2016). However, studies have 
shown that ECM fungi and saprotrophic fungi have complementary roles in the 
decomposition of SOM (Talbot et al. 2008, 2013). ECM fungi can produce a wide range of 
extracellular enzymes, comparable to those produced by saprophytic fungi (Burke et al. 2014; 
Phillips et al. 2014). Due to their competitive advantage, ECM fungi are consistently 
dominant in deeper soil horizons, whereas saprotrophic fungi dominate the litter layer in soils 
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(Lindahl et al. 2007; Talbot et al. 2013). Using mesh in-growth bags in a temperate forest to 
isolate the effect of roots, ECM fungi and free-living saprotrophs, Averill and Finzi (2011) 
observed that when fertilized with complex N (collagen), the activities of N-acquiring 
enzymes (NAG and LAP) and phenol oxidase increased in bags with roots but not in root-
free treatments. This suggests that ECM roots may release more C into the rhizosphere that 
alleviates C limitation of N-acquiring enzyme production (Allison & Vitousek 2005; Phillips 
et al. 2011; Brzostek et al. 2013), which may explain long-term increases in plant 
productivity observed under elevated CO2 (Drake et al. 2011).  
  
1.7 Partitioning techniques 
The partitioning of soil CO2 efflux into rhizosphere (roots and ECM fungi) respiration and 
decomposition of SOM allows the investigation of these soil processes, and the prediction of 
their responses to environmental changes. Different partitioning methods such as root 
exclusion, physical separation of components and isotopic techniques have been extensively 
reviewed (Kuzyakov 2006; Subke et al. 2006).  
Trenching is a root exclusion technique that have been widely used to partition total soil CO2 
efflux into the autotrophic and heterotrophic components (Ngao et al. 2007; Heinemeyer et 
al. 2012; Yan et al. 2015; Aubrey & Teskey 2018). Here, ‘trenching’ refers to all occasions 
where assimilate C supply to soils were altered by severing roots and mycorrhizal hyphae by 
cutting trenches or inserting deep PVC collars to a depth where majority of the roots are 
excluded. Surface CO2 efflux from trenched collars or treatments is the RH component, which 
is deducted from RS from the adjacent un-trenched, control areas to derive the RA. A 
commonly recognised disadvantage of trenching and any other root exclusion technique is the 
considerable increase in dead root biomass in the root-excluded treatments (Subke et al. 
2006; Savage et al. 2018). The decomposition of dead roots contributes to RH, thereby 
leading to an under-estimation of RA when comparing CO2 efflux from trenched and control 
areas  (Subke et al. 2006). However, root decay constants in trenched soils can be estimated 
by fitting an exponential decay function to the mass loss of coarse (>2mm) and fine (<2mm) 
root biomass, sampled at the time of and after trenching (Epron et al. 1999). The decay 
constant is then used to obtain the C lost as CO2 during root decomposition, which is 
subtracted from RH to correct for decaying roots in trenched soils (Subke et al. 2006). In 
addition to the artefact caused by decaying roots, reduction in water uptake by plant roots in 
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root-excluded treatments may increase moisture content in trenched areas, compared to 
control areas (Subke et al. 2006). Since soil moisture has a significant influence on RH 
(Moyano et al. 2012; Subke et al. 2018), differences in moisture contents between trenching 
treatments may have important implications therefore must be taken into consideration when 
interpreting the results (Comstedt, Boström & Ekblad 2011; Savage et al. 2018). 
Shading of above-ground plant parts is a less invasive partitioning technique, compared to 
root exclusion. Shading partitions RS into RA and RH by inhibiting photosynthesis, thus 
excluding fresh assimilate C transport to the roots. The advantage of shading over root 
exclusion is that transpiration rates are not affected by the shading treatment (Hasselquist et 
al. 2016), thereby maintaining similar moisture contents in shaded and un-shaded treatments. 
In a Swedish pine forest stand, photosynthetic C uptake was reduced by shading, which in 
turn resulted in a 30% decline in soil respiration and 25% reduction in ECM fungal biomass 
relative to the un-shaded treatments (Hasselquist et al. 2016). However, it is possible that 
plant root may continue to respire shortly after shading by using their starch reserves. 
Although shading is commonly used in grasslands and crop plants (Hartley, Heinemeyer & 
Ineson 2007; Bahn et al. 2009, 2013; Schmitt, Pausch & Kuzyakov 2013), others have also 
used shading to alter belowground C supply in forest ecosystems (Fischer et al. 2015; Mao et 
al. 2016; Hasselquist et al. 2016).  
Isotopic techniques allow for non-intrusive measurements of CO2 flux components. It 
involves the separation of the different sources of CO2 fluxes based on differences in C 
isotope ratios. The ratio of C isotopes can be differentiated using stable (13C) and radio- (14C) 
isotopes of C via pulse or continuous labelling, natural abundance, or radiocarbon dating 
(Kuzyakov 2006; Subke et al. 2006). The basis of isotopic partitioning is to measure the 
isotopic signature of RS, and other sources such as soil, roots or substrates separately, which 
form ‘end members’ for a mass balance model. The transfer of C within the ecosystem 
through assimilation, allocation and respiration can be traced by exposing the plant to an 
isotopic label (usually 13C- or 14C- labelled CO2) for a period of time (Derrien et al. 2004; 
Högberg et al. 2008; Epron et al. 2011; Subke et al. 2012; Schmitt et al. 2013; Heinrich et al. 
2015). The natural abundance technique of partitioning components of CO2 efflux is 
therefore based on growing C3 plants on C4 soil and vice versa (e.g. Kuzyakov and Bol 2004, 
Kumar et al. 2016, Luo et al. 2017a). 13C discrimination by C3 and C4 photosynthesis differ, 
such that greater discrimination by C3 plants results in the formation of more depleted δ13C- 
SOM (-27‰) than C4 plants (-13‰) (Farquhar, Ehleringer & Hubick 1989). In an incubation 
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study, CO2 efflux from three sources was partitioned into CO2 derived from added substrate, 
recent and old SOM following the input of a 14C-glucose into soils that originated from a C3 – 
C4 vegetation change (Blagodatskaya et al. 2011a). The advantage of isotopic techniques is 
the minimal disturbance to soils and their applicability to a wide range of ecosystems.  
 
1.8 Thesis aims and objectives 
This thesis aims to investigate the interactions between plant C dynamics and soil microbial 
processes, and how these interactions control C and nutrient cycling in forest soils. These are 
important for understanding the consequence of environmental changes on forest soil C 
stocks. This study addresses the following questions: 
1. What is the influence of an intact rhizosphere on soil CO2 efflux and the 
decomposition of organic substrates that vary in their chemical composition and 
complexities? 
2. What are the effects inputs of fresh C into soils in form of glucose, straw litter, fungal 
necromass or biochar on soil C decomposition? 
3. Do the effects of substrate additions vary with structural complexity and chemical 
composition of the substrates? 
4. How do the activities of extracellular enzymes respond to rhizosphere C supply from 
roots and substrates? 
5.  What are the interactions between the composition of decomposer communities and 
plant species that determine the quality of the resources? 
Chapter 2 addresses questions 1 - 3 using forest mesocosms, where two-year birch (Betula 
pendula) trees were planted in 33 L boxes. Assimilate C supply from plant roots to the 
rhizosphere was altered by shading the trees, and 13C- labelled substrates of varying structural 
complexity and quality was added to soils. These questions are also addressed under field 
conditions in Chapter 3, where incubation of 13C- labelled substrates was done, in 
combination with soil trenching. Chapter 4 addressed questions 3 & 4, where the activities of 
six extracellular enzymes involved in the cycling of C, N and P were measured in relation to 
the input of organic materials and rhizosphere C supply from roots. In chapter 5, question 5 
was addressed using litter bag incubations in a reciprocal transplant experiment.  
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Chapter 2  
Rhizosphere carbon supply accelerates soil organic matter decomposition 
in the presence of fresh organic substrates 
Oyindamola Jacksona,b, Richard S. Quilliama, Andy Stottc, Helen Grantc, Jens-Arne Subkea 
aBiological and Environmental Sciences, Faculty of Natural Sciences, University of Stirling, 
Stirling. FK9 4LA, UK 
bForestry Research Institute of Nigeria, Jericho, Ibadan, Nigeria 
cLife Sciences Mass Spectrometry Facility, Natural Environment Research Council, Centre 
for Ecology and Hydrology, Lancaster, LA1 4AP. UK 
 
 
 
2.1 Abstract 
Belowground C supply from plant roots may accelerate the decomposition of SOM through 
the rhizosphere priming effect, but the detailed interaction between substrate quality and 
rhizosphere C supply is poorly understood. We hypothesize that decomposition of organic 
matter is enhanced by the combined effect of assimilate C supply to the rhizosphere and 
substrate amendments. Birch trees (Betula pendula) planted in experimental mesocosms were 
shaded to reduce the supply of assimilate C to roots and ECM fungi. Either 13C-enriched 
glucose, straw, fungal necromass or C4 biochar were subsequently added to each mesocosm. 
CO2 efflux derived from substrates were separated from that derived from native SOM and 
roots based on the isotopic composition of total respired CO2. The addition of all substrates 
increased fluxes in both un-shaded and shaded treatments, with greatest total CO2 efflux 
observed in soils amended with straw. Increases in un-labelled CO2 were observed to be 
greater in the presence of belowground C supply than in mesocosms with shaded trees. 
Turnover of SOM is closely linked to belowground C allocation. The biochemical quality and 
recalcitrance of litter entering the soil C pool is of critical importance to this priming, as is the 
interaction with rhizosphere-associated decomposition activity.  
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2.2 Introduction 
Soil organic matter (SOM) is the largest carbon (C) pool in terrestrial ecosystems, and 
therefore plays an important role in the global C cycle (Ciais et al. 2013; Schlesinger & 
Bernhardt 2013). In addition, SOM improves the structure and fertility of soils (Six et al. 
2000). SOM is mainly composed of a heterogeneous mixture of plant and microbial residues, 
which vary in chemical structures and decomposition rates (Kögel-Knabner 2002; Simpson & 
Simpson 2012). Soil CO2 efflux (a combination of CO2 respired by roots and their associated 
microorganisms (rhizomicrobial respiration) and the decomposition of SOM) is the primary 
pathway by which terrestrial C returns to the atmosphere. Due to the large amount of global 
C stored as SOM, changes in SOM decomposition can cause significant changes to the 
concentrations of atmospheric CO2 (Lal 2004). Hence, it is important to understand the 
controls and drivers of SOM decomposition to forecast terrestrial ecosystem feedbacks, 
particularly under projected climate change scenarios.  
Abiotic factors such as temperature and moisture are regarded as the major drivers of SOM 
decomposition (Bond-Lamberty & Thomson 2010; Moyano et al. 2012); however, there is 
increasing evidence that C supply to the rhizosphere, via plant roots, can directly drive SOM 
decomposition (Subke et al. 2011; Finzi et al. 2015). In addition to the input of litter to soils, 
plants release labile organic compounds into soils in the form of rhizodeposition, which 
includes root exudates and sloughed-off root cells (Jones et al. 2009; Pausch & Kuzyakov 
2018). These organic compounds may act as energy source for microorganisms, and thereby 
increase microbial activity. As microbial activity increases, the demand for nutrients also 
increases which can stimulate the decomposition of SOM. Hence, changes in the productivity 
of plants can in turn affect rhizodeposition, which may influence the stability of soil C.  
Roots of many temperate trees are often heavily colonised by ectomycorrhizal (ECM) fungi 
(Lang, Seven & Polle 2011). ECM fungi supply the host plant with nutrients derived from 
soils and in return receive up to 22% of photoassimilate C from the host plant (Smith & Read 
2002; Hobbie 2006). This C supply allows the fungus to form extensive mycelial networks 
that can dominate organic horizons (Lindahl et al. 2007; Phillips et al. 2014), and stimulate 
the mobilization of nitrogen (N) in N-limited environments. ECM fungi also have the ability 
to produce a wide range of enzymes, e.g. β-glucosidase, cellobiohydrolase, N-acetyl 
glucosaminidase and leucine aminopeptidase, that allow them to mineralize C and N from 
SOM (Talbot et al. 2008; Brzostek et al. 2015). The majority of ECM fungi are found in 
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mineral horizons, with more decayed litter and humus whereas saprophytic fungi mainly 
colonize fresh litter found in the top layers of soil (Rosling et al. 2003; Lindahl et al. 2007). 
However, the ability of ECM fungi to successfully compete with saprophytic fungi and other 
soil microorganisms is dependent on a supply of C from host plant roots (Lindahl et al. 
2010). The competition for limiting nutrients between these two fungal groups was 
hypothesized to retard SOM decomposition (Gadgil effect, (Gadgil & Gadgil 1971, 1975)). 
However, studies have shown that ECM fungi stimulate SOM decomposition as a result of C 
provisions from roots (Brzostek et al. 2015). Experimental reduction in C allocation to ECM 
fungi through girdling and tree shading results in significant decreases in soil respiration and 
fungal biomass (Högberg & Högberg 2002; Subke et al. 2004; Hasselquist et al. 2016), 
which implies that a reduction in assimilate C alters root respiration, but may also reduce the 
activities of ECM fungi, potentially reducing SOM decomposition.  
The input of organic substrates into soils can either increase or decrease SOM decomposition 
via a ‘priming effect, PE’, defined as a short-term change in the decomposition of SOM 
caused by the input of a substrate, e.g. fertilizers (organic or mineral) or plant residues 
(Kuzyakov et al. 2000). The rhizosphere priming effect (RPE) is the change in SOM 
decomposition driven by the presence of plant roots (Kuzyakov 2002; Cheng & Kuzyakov 
2005). Compared to soils without roots, a broad range of RPE from 50% reduction to 380% 
acceleration of SOM decomposition in the presence of roots has been reported (Cheng et al. 
2014). Readily accessible C and plant residues may stimulate activities of microbial 
populations, thereby increasing SOM decomposition as a result of increased production of 
extracellular enzymes (Phillips & Fahey 2006; Yin et al. 2014). CO2 evolution following the 
input of labile substrate can be used to classify PE into either a ‘real’ or an ‘apparent’ effect 
(Blagodatskaya & Kuzyakov 2008). The activation of microbial metabolism and acceleration 
of microbial biomass C turnover is referred to as ‘apparent’ PE (Blagodatskaya et al. 2007), 
as observed increases in CO2 flux are not associated with decomposition of SOM. ‘Real’ 
priming effects require an actual acceleration of SOM decomposition caused by change in 
microbial community structure and extracellular enzyme production (Blagodatskaya & 
Kuzyakov 2008). Future predictions of elevated atmospheric CO2 concentrations and higher 
temperature may increase net primary productivity through CO2 fertilisation (Norby et al. 
2005). Increased plant productivity results in higher rhizodeposition and plant litter 
production (Zak et al. 2011), thereby resulting in a net increase in C stock. However, due to 
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the potential priming effect of increased input of both labile and complex C into soils, the 
degree to which priming effect offsets this higher C input is uncertain.  
The magnitude and direction of priming effects are influenced by nutrient availability, quality 
or quantity of substrate C. The quality of substrate is related to its susceptibility to microbial 
uptake and enzymatic degradation, for which the C to N ratio (C:N) and the concentration of 
recalcitrant fractions such as lignin, phenolics and tannins have been used as proxies (Chen et 
al. 2014; Wang et al. 2015a; Di Lonardo et al. 2017). Substrates of low recalcitrance and a 
higher availability of C (often considered to be of ‘high quality’) may induce higher PEs than 
substrates with less available C or more recalcitrant compounds (Blagodatskaya & Kuzyakov 
2008). Soil microbial communities can influence the PE, as specific microbial groups (r 
versus K strategists) preferentially dominate decomposition of labile and recalcitrant C pools 
(Fontaine et al. 2003). However, our knowledge of the effects of substrate quality, and the 
interaction with the microbial community on PE is limited, and only a few studies have tested 
this theory (Chen et al. 2014; Wang et al. 2015a). Several studies have investigated the 
individual effects of C inputs from plants or substrates on organic matter decomposition 
(Zhang et al. 2013; Luo et al. 2016; Huo et al. 2017), but their interactions have not been 
widely explored. In a girdling study, (Subke et al. 2004) observed additional efflux in litter-
amended, non-girdled plots, which was not significant in litter-amended, girdled plots or non-
amended, non-girdled plots. Since organic matter enters the soil environment in different 
forms (for example, as rhizodeposits, litter or microbial necromass), and may differentially 
affect the PE, it is important to determine the range of potential effects on SOM 
decomposition in order to predict changes in C storage with different C inputs. 
Here, we aim to determine the effect of an altered C supply to roots, and their associated 
ECM fungi, on the decomposition of a range of substrates, and to assess the decomposition of 
SOM with the input of 13C-labelled substrates of different qualities.  To address these aims, 
we tested the following hypotheses: (1) Decomposition of organic substrates is accelerated by 
the supply of assimilate C to the rhizosphere. (2) Decomposition of older native SOM is 
increased by the combined effect of substrate addition and rhizosphere C supply, (3) 
Decomposition of SOM is greater following the addition of readily available glucose 
compared to more complex organic substrates (i.e. straw, fungal necromass or biochar). 
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2.3 Materials and methods 
2.3.1 Experimental design 
Forty experimental mesocosms were constructed using 33 L boxes (71 x 44 x 16.5 cm, Really 
Useful Products Ltd, Normanton, UK). Mesocosms were assigned into four blocks in a 
randomised complete block design, each containing a shaded/not-shaded treatment, and a 
substrate treatment (4 blocks x 2 shading treatments x 5 substrate treatments). Organic-rich 
mineral soil (pH (H2O) 4.04, C:N 14.9) was collected from the top 15 cm of a mixed 
broadleaf woodland in Stirling, Scotland, UK (56⁰8′ N, 3⁰54′ W), which was dominated by 
birch (Betula pendula Roth.) and beech (Fagus sylvatica L.) with little understory vegetation. 
The soil was a freely draining, brown earth formed from fluvioglacial sands and gravels 
derived mainly from carboniferous soil in the Dreghorn soil series of UK (National soil map 
of Scotland). The soil was air-dried, sieved (< 2 mm) and homogenised. A two-year old birch 
tree was planted in each mesocosm in August 2015 and allowed to establish for 8 months. 
Although relative amount of ECM fungi in the mesocosms were not determined directly, the 
presence of ECM was confirmed using in-growth nylon mesh bags (6 x 6 cm; 41µm mesh 
size, Normesh Ltd, Oldham, UK) filled with sterilized sand (Wallander et al. 2013). These in-
growth bags had been used to differentiate between ectomycorrhizal hypha from that of 
saprotrophs, as ECM fungi are able to grow in sand while saprotrophic fungi cannot 
(Wallander et al. 2001; Ekblad et al. 2013). In spring 2016, collars (10 cm diameter, 2 cm 
high) were inserted (< 1 cm deep) into all mesocosms, taking care to minimise disturbance to 
roots. All mesocosms were kept outside, in the grounds of the University of Stirling, 
Scotland, where the mean annual air temperature is 9.2 ⁰C and the mean annual precipitation 
is c. 1019 mm (UK Met Office 2017). 
On 2nd August 2016, nine days prior to the addition of the substrates, 20 trees were shaded to 
reduce photosynthesis and reduce the supply of C to roots and their fungal symbionts. 
Shading was achieved by using dark but air-permeable phormisol material (LBS Worldwide 
Ltd, Lancashire, UK) to cover each tree. This material limited irradiance by at least 90%, 
whilst allowing air exchange and avoiding excessive rises in air temperature for the shaded 
trees. Care was also taken to ensure that soils were not covered by shading material in order 
to minimise changes in soil temperature.  
2.3.2. Preparation of 13C-labelled substrates 
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Four substrates were selected to represent different forms of organic materials with varying 
structural composition and complexities: glucose, straw, fungal necromass and biochar. 
13C-glucose was obtained by diluting 13C-D-glucose (99 atom%. Cambridge Isotope 
Laboratories, Inc., Andover, USA) with D-glucose of natural isotope abundance (Fisher 
Scientific UK Ltd, Loughborough, UK) with a dilution factor of 1:20, resulting in an 
enrichment in 13C of c. 5 atom%.  
13C wheat straw (Triticum aestivum L.) was obtained from wheat grown in a chamber 
enriched with 10 atom% 13CO2. The straw was rinsed in deionised water 4 times, air dried for 
several days, then shredded (<2 mm) using a grinder. 
Mycelium of the basidiomycete Hebeloma crustuliniforme UP184 was grown on agar in Petri 
dishes containing 1/10 Modified Melin Norkans (MMN) growth medium (Marx 1969), with 
glucose reduced fom 10 g to 1 g. Based on the result of a pilot study to determine the medium 
composition that supports the most rapid fungal growth, a modified MMN growth medium 
containing 10 g of malt extract (instead of 3 g) was selected for growing 13C-labelled fungal 
biomass (see Appendix 1 for full list of ingredients). In the liquid growth medium (100 cm3), 
the fungal biomass was labelled by replacing 20% of the 12C-glucose with 99 atom% 13C-
glucose (CK Isotopes Ltd, Leicester, UK). Flasks were incubated at 20 ᵒC for 30 days, or 
until filled with mycelia. Mycelium was harvested from each flask, and rinsed with deionized 
water 4 - 5 times to remove any remaining media, air-dried and stored at -4˚C. Prior to use, 
the mycelium was homogenised using a grinder (< 2mm).  
Biochar was obtained from the pyrolysis of Miscanthus (a C4 species) at 450 ᵒC and 
subsequently ground (<2 mm). The δ13C values of all substrates were confirmed at Life 
Sciences Mass Spectrometry Facility (CEH, Lancaster, UK) using an automated elemental 
analyser NA1500 (Carlo Erba, Milan, Italy) coupled to an Isotope Ratio Mass-Spectrometer 
(Dennis Leigh Technology Ltd, Keele, UK).  
Each treatment was represented in all blocks to ensure that all treatments were exposed to 
similar conditions. The four substrates with distinct 13C signatures were applied as dry 
powder to the collars on 11th August 2016. Substrates were applied to collars at the rate of 
approximatly 3 mg C g-1 soil except for biochar, which was applied at rate of 4.7 mg C g-1 
soil (collar area = 79 cm2, depth = 2 cm). The amount of substrates added are within the 
range of quantities that can induce ‘real’ PEs and the application rate of biochar currently 
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used in agriculture (Blagodatskaya & Kuzyakov 2008; Zimmerman & Ouyang 2019). The 
isotopic signatures and the exact amount of the added substrates are presented in Table 2.1. 
Substrates were thoroughly mixed into the top 2 cm of the soil within each collar, whereas 
control collars were also mixed although no substrate was added. 250 cm3 of water was 
subsequently added to all treatments including control treatments.  
 
Table 2.1 Total C, N, C:N ratio and δ13C of substrates, and quantity of substrates and total 
13C label added to soils in the experiment 
Substrate Total C (%) Total N (%) C:N ratio δ13C (‰) Amount of 
13C added 
(g) 
Biochar 68.9 ± 0.221 0.222 ± 0.001 307 ± 0.669 -4.22 ± 0.066 0.008 
Straw 41.9 ± 0.284 0.753 ± 0.008 55.7 ± 0.851 9320 ± 6.95 0.046 
Fungal 
necromass 
49.3 ± 2.11 1.718 ± 0.088 28.7 ± 0.461 2070 ± 24.7 0.017 
Glucose 41.24 ± 1.01 N.A N.A 5250 ± 0.591 0.029 
Control 5.64 ± 0.367 0.377 ± 0.020 14.9 ± 0.198 -27.9 ± 0.088 N.A 
 
 
2.3.3 Soil respiration and isotopic measurements 
Soil respiration measurements were carried out using a portable EGM-4 infrared gas analyser 
(PP Systems, Amesbury, MA, USA) attached to a 15 cm diameter custom-built respiration 
chamber with a headspace volume of approximately 2,300 cm3, inserted gently into soil (< 1 
cm). Respiration rates were derived from linear rise in CO2 concentration within the closed 
chamber system over a period of two minutes. Sampling for isotopic composition of soil-
derived CO2 was carried out at 2.5 and 5 h (for glucose, straw and control treatments only), 1, 
3, 7, 15 and 30 d after substrate addition. On each sampling occasion, five 15 cm gas flux 
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chambers (15 cm diameter, 5 cm height collars with lids; Plastic Company, UK) were placed 
on the soil of all five treatments within an experimental block simultaneously, ensuring a 
good seal between soil and chamber. CO2 was allowed to accumulate in these chambers for 
15 minutes, resulting in concentrations between 490 and 7680 ppm of CO2. Gas samples (20 
ml) were then collected using 20 ml syringes through a septum in the chamber and injected 
under pressure into previously evacuated borosilicate exetainers (12 ml; Labco Ltd, UK) for 
isotopic analysis. The concentration of CO2 in all gas samples was obtained using a gas 
chromatograph, GC-MS (Hewlett Packard 5890) coupled to a flame ionization detector. 
Isotopic measurements for δ13C values of the gas samples were measured at the Life Sciences 
Mass Spectrometry Facility (CEH, Lancaster, UK) using an Isoprime Tracegas 
Preconcentrator coupled to an IsoPrime Isotope Ratio Mass Spectrometer (Elementar UK 
Ltd, Stockport, UK) at an analytical precision of ± 0.17‰.  
2.3.4 Soil sampling and analysis 
Soil samples were collected to a depth of 5 cm from each collar after gas sampling on the last 
day of sampling and stored in sealed plastic bags at 4 ⁰C until processing for soil microbial 
biomass C, which was determined using the fumigation extraction method (Vance, Brookes 
& Jenkinson 1987; Joergensen 1996). Fresh soil was passed through a 2 mm sieve from 
which 5 g each was weighed into two glass jars (20 ml). One jar was fumigated in a 
desiccator containing ethanol-free CHCl3 and water (to avoid drying) for 24 h and evacuated 
using a vacuum pump, while the other jar was not fumigated. After fumigation for 24 h, 
CHCl3 was removed from the soil by evacuating the desiccator three to four times using a 
vacuum pump. Both the fumigated and non-fumigated soils were extracted with 20 ml 0.5 M 
K2SO4 (1:4 w/v; soil:extractant) and the mixture shaken for 30 min at 300 rpm, before being 
filtered through Whatman no. 42 filter papers (pore size: 2.5 µm). Soil microbial biomass C 
was determined based on the difference between fumigated and non-fumigated soils using the 
kec factor of 0.45 (Wu et al. 1990). Total organic C (TOC) and total organic N (TON) content 
of the filtrates were determined using a TOC – VCSN analyzer (Shimadzu Corporation, 
Kyoto, Japan).  
 
2.3.5 Calculations and statistical analysis 
24 
Isotopic abundance of CO2 collected from chambers was corrected for atmospheric CO2 
using the isotopic ratio and concentration of atmospheric CO2 present in the chambers at the 
start of measurements. A two end-member linear mixing model was formulated to partition 
total soil flux (FTotal) into substrate-derived CO2 (FSub) and soil-derived CO2 (FSoil) based on 
the 13C isotopic abundance between the substrates and the soil using the following mass 
balance equation: 
ܨ்ߜ் = ܨௌ௨௕ߜௌ௨௕ + ܨௌ௢௜௟ߜௌ௢௜௟    (2.1) 
Where FT, FSub and FSoil are the total CO2 flux, substrate derived CO2 and soil derived CO2 
respectively, and δT,  δSub and δSoil are the δ13C isotopic signatures for the total flux, substrates 
and soil, respectively. In this experimental setup, CO2 from both heterotrophic and 
rhizomicrobial respiration are considered as one isotopic pool (indicated by “soil”), while the 
suffix “sub” represents the glucose, straw, fungal necromass or biochar treatments. The 
proportion of substrate in the total flux was calculated as: 
ௌ݂௨௕ =
ఋ೅ିఋಿೄ
ఋೄೠ್ିఋಿೄ
      (2.2) 
1 = ௌ݂௨௕ + ௌ݂௢௜௟      (2.3) 
where δT, is δ13C obtained from CO2 samples collected from all soil collars after correction 
for atmospheric CO2. δSub is δ13C of the labelled- glucose, straw, fungal necromass or 
biochar, while δNS is δ13C obtained from CO2 samples collected from control soils where no 
substrate was added. The CO2 derived from substrates was calculated as: 
ܨௌ௨௕ = ௌ݂௨௕ × ܨ்       (2.4) 
and the standard error for the proportion of substrate flux contribution (fSub) was calculated 
according to the method by Phillips & Gregg (2001), which accounts for variabilities in both 
the mixture (δ13CTotal) and the sources (δ13CSub and δ13CSoil) as: 
ܵܧ( ௌ݂௨௕) = ටቀ
ଵ
ఋೄೠ್ିఋಿೄ
ቁ
ଶ
ൣߪଶఋ் + ௌ݂௨௕
ଶߪଶఋௌ௨௕ + (1 − ௌ݂௨௕)ଶߪଶఋேௌ൧ (2.5) 
where σ2 represent the square of the standard errors of the mean isotopic signatures for the 
components as indicated by the suffixes.  
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Priming effects were calculated in two categories. First, priming of soil C decomposition in 
un-shaded or shaded treatments induced by the addition of substrates was calculated as the 
difference of the CO2 produced from control soils without substrate amendment from CO2 
derived from sources other than the substrate added (Eq 1.6): 
ܲܧ(%) = ி 
ೌ೘೐೙೏೐೏
ೄ೚೔೗ି ி ಿೄ ೄ೚೔೗
ி ಿೄ ೄ೚೔೗
 ×  100    (2.6) 
Where amendedFSoil is the soil-derived CO2 in soils amended with biochar, straw, fungal 
necromass or glucose of shaded or un-shaded treatments determined by FSoil = FT – Fsub; and 
NSFSoil is the soil-derived CO2 in soils without substrate addition for the respective light 
condition. 
Second, priming of added substrate decomposition induced by rhizosphere input was 
calculated as the difference of substrate-derived CO2 in shaded conditions from substrate-
derived CO2 from soils in un-shaded conditions. The rhizosphere priming effect of substrate 
decomposition (RPESub) was calculated as: 
ܴܲܧௌ௨௕(%) = ( ܨ ௨௡௦௛௔ௗ௘ௗ ௌ௨௕ − ܨ ௦௛௔ௗ௘ ௌ௨௕)/ ܨ ௦௛௔ௗ௘ௗ ௌ௨௕ × 100   (2.7) 
where unshadedFSub is the substrate-derived CO2 in soils that receive autotrophic inputs from 
roots of un-shaded trees with added substrate, and shadedFSub is the substrate-derived CO2 in 
soils without root input from shaded trees with added substrate.  
Effects of shading and substrate additions on total soil CO2 efflux, soil-derived CO2, 
substrate-derived CO2, PE and soil microbial biomass C were analysed using two-way 
analysis of variance (ANOVA) following linear mixed effect models, where ‘mesocosm’ 
nested within blocks and sampling dates were assigned as random factors. Data were log-
transformed when necessary to meet the assumptions of normal distribution. When statistical 
significance was observed, Tukey post-hoc tests were used for pairwise comparisons at 
significance level of 0.05. All analyses were carried out using RStudio v0.99.903.  
 
2.4 Results 
2.4.1 Soil respiration 
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Prior to tree shading, there was no significant difference between CO2 efflux from soil collars 
assigned as un-shaded and shaded treatments (Fig. 2.1). Nine days after shading, soil 
respiration decreased significantly by 63% relative to un-shaded treatments (p < 0.001) and 
this reduction in CO2 efflux was significant for all subsequent sampling dates. Average soil 
CO2 efflux from un-shaded mesocosms (2.39 ± 0.38 µmol m-2 s-1) was significantly greater 
than that of shaded mesocosms (0.78 ± 0.08 µmol m-2 s-1) for the period after shading (P < 
0.001, Table 2.2)). The relative contribution of root-derived CO2 (rhizomicrobial respiration) 
to the total cumulative soil CO2 efflux was 67%, calculated as differences between un-shaded 
and shaded treatments in control (un-amended) soils.  
The addition of substrates to soils significantly increased total CO2 efflux (P < 0.001) from 
both un-shaded and shaded treatments throughout the sampling period of 30 days, relative to 
controls without substrate (Figs. 2.2 and 2.3). Whereas shading and substrate addition 
significantly affected total soil CO2 efflux, there was no significant interaction between these 
two fixed effects (Table 2.2). Total soil CO2 efflux increased significantly following the 
addition of straw, fungal necromass and biochar in un-shaded treatments. In shaded 
treatments on the other hand, the addition of biochar significantly increased soil CO2 flux (P 
< 0.05, Tukey-post hoc test) whereas glucose, straw and fungal necromass had no effect on 
total soil CO2 efflux.  
 
Table 2.2 Analysis of variance (ANOVA) of light condition, substrates and their interactions 
on total soil CO2, soil-derived CO2 and substrate-derived CO2 efflux. Significant values (P < 
0.05) are in bold.  
 Transformation Fixed factors df F P value 
Total Soil CO2 
efflux 
Log Shading 1,35 82.3 <0.001 
  Substrate 4,36 10.3 0.001 
  Shading x 
Substrate 
4,36 1.29 0.29 
Soil-derived CO2 Log Shading 1,30 84.9 <0.001 
  Substrate 4,30 9.77 <0.001 
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  Shading x 
Substrate 
4,30 1.12 0.51 
Substrate-derived 
CO2 
Log Shading 1,20 0 0.99 
    
  Substrate 3,24 20.03 <0.001 
    
  Shading x 
Substrate 
3,23 1.04 0.38 
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Figure 2.1 Average soil CO2 efflux for the period of 16th May 2016 to 10th September 2016 in mesocosms without substrates added (control 
treatments). Soils were watered on 18th July 2016 prior to measurement on 19th July 2016 due to excessive dryness in the mesocosms. Trees 
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were shaded on 2nd August 2016, indicated by the red line. Error bars represent ± 1 SE (n =4). There was no significant difference between 
shading treatments prior to shading (P = 0.6274) but significantly different after shading (P < 0.001, paired t-test).  
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Figure 2.2 Soil CO2 efflux in un-shaded (open shapes) and shaded (filled shapes) treatments derived from the added 13C labelled substrate 
derived CO2 (A & B) and un-labelled soil CO2, (C & D) for the duration of 30 days after the addition of glucose, straw residues, fungal 
necromass and biochar. Values denote mean ± 1 SE (n = 4).  
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Increases in δ13C of soils were observed within 5 hours of glucose and straw addition, and 24 
hours of fungal necromass addition when the first measurements were taken (Fig. 2.4). The 
respiration of glucose was highest in the first 7 days after its addition in both shaded and un-
shaded treatments after which decomposition of glucose declined, with a higher 
decomposition of glucose in the shaded treatment than the un-shaded treatment. The 
decomposition of straw and fungal necromass were greater in shaded treatments and 
continued throughout the sampling period whereas in un-shaded treatments, both, 
decomposition of straw and fungal necromass was highest on day 7. 13C values in biochar 
treated soils were not different from those in control mesocosms that received only water.  
 
 
 
Figure 2.3 Partitioning of total CO2 efflux into CO2 derived from root and heterotrophic 
(“Soil derived CO2”) and from the addition of glucose, straw, fungal necromass and biochar 
(“Substrate-derived CO2”) in un-shaded and shaded treatments. Control treatments received 
water only. Error bars are 1SE. Different letters indicate significant interactions between 
shading and substrate factors (P < 0.05, Tukey post hoc) for soil-derived CO2 efflux (small 
letters) and substrate-derived CO2 (capital letters). 
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2.4.2 Source-partitioning and priming effects 
CO2 efflux derived from added substrate was significantly different among substrates (P < 
0.001) but not between shading treatments (Table 2.2 and Fig. 2.3). In both un-shaded and 
shaded treatments, the majority of glucose-derived CO2 evolved within seven days of glucose 
addition, with CO2 flux rates from glucose-amended mesocosms with shaded trees (Fig. 
2.2A, B). For the period of 30 days after substrate addition, CO2 evolved from sources other 
than the added substrate ranged between 3.40 ± 0.74 and 7.56 ± 2.21 µmol m-2 s-1 in un-
shaded treatments, whereas it ranged between 1.40 ± 0.15 and 1.65 ± 0.31 µmol m-2 s-1 in 
shaded treatments. Adding straw to un-shaded mesocosms resulted in soil-derived CO2 that 
was approximately three times higher than control mesocosms (un-shaded, no substrates) and 
about 5 times that produced from the corresponding shaded treatment (shaded, straw added; 
Fig. 2.3). In un-shaded mesocosms, un-labelled CO2 efflux increased immediately following 
the addition of straw by up to four times relative to un-shaded control mesocosms and the 
increases persisted until the end of sampling (Fig. 2.2C). For the shaded treatments, the 
addition of glucose, straw, fungal necromass and biochar increased un-labelled CO2 during 
the first 3 days only (Fig. 2.2D). Glucose amended soils produced the least CO2 from soil in 
both un-shaded and shaded treatments, but more CO2 derived from the added substrate.  
No significant priming of substrate decomposition by the supply of C to the rhizosphere 
(PESub) as calculated by the difference between substrate derived CO2 in un-shaded and 
shaded treatments was observed (Fig. 2.3). However, increases in un-labelled CO2 (priming 
effects) after the addition of all substrates were observed in both shaded and un-shaded trees 
(Fig. 2.5). These priming effects were not different between soils with un-shaded and shaded 
trees, with the exception of straw treatments where the un-shaded treatment was significantly 
higher than the shaded treatment (P < 0.01). The addition of glucose generated the lowest PE 
over the experimental period in the shaded treatments (88 %) and in the un-shaded treatment 
(61 %). The PE was significantly higher immediately after the addition of 13C-labelled straw 
and glucose (5 h) and fungal necromass and biochar (1 d) in both shading treatments (Fig. 
2.5). Following this initial flush, no significant PE was observed until 15 days after substrate 
additions in un-shaded treatments. 
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2.4.3 Microbial biomass carbon 
At the end of the sampling period, soil microbial biomass C was generally higher in un-
shaded treatments than in shaded treatments (P < 0.05). However, there was no overall 
significant difference in soil microbial biomass C among substrates, nor between the 
interaction of shading and substrates (Fig. 2.6). 
 
 
Figure 2.4 Excess of 13C in soil CO2 efflux relative to the natural abundance in un-labelled soil 
with time following the addition of 13C-labelled glucose, straw, fungal necromass and 
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biochar into soils with un-shaded (top) and shaded (bottom) trees. The vertical bars 
represent 1 SE (n = 4). 
 
 
Figure 2.5 Unlabelled CO2 efflux expressed as priming effect in percent of extra CO2 above 
control levels, following the addition of glucose, straw, fungal necromass or biochar from 
un-shaded (top) and shaded (bottom) treatments. Values are mean ± 1 SE (n = 4).  
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Figure 2.6 Soil microbial biomass C in un-shaded and shaded treatments following the 
addition of glucose, straw, fungal necromass and biochar.  Control soils received only water. 
Error bars are SE of the mean (n = 4)
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2.5 Discussion  
The alteration of rhizosphere C supply through shading reduced total soil CO2 efflux across 
all substrate treatments. The result also provides evidence that the combined effects of 
rhizosphere C supply and substrate amendments can increase decomposition of native SOM, 
the magnitude of which is dependent on the quality of the amendment. Tree shading reduced 
soil CO2 efflux by about 67% for the duration of the experiment suggesting C supply to roots 
and their associated ECM fungi was strongly reduced, which suggests that assimilate C flux 
to roots is a major driver of soil CO2 efflux. It is commonly reported that roots use their 
carbohydrate reserves after assimilate C supply is altered through girdling, trenching, 
defoliation or drought, thereby delaying the reduction in respiration rates and underestimating 
autotrophic respiration (Högberg et al. 2001; Díaz-Pinés et al. 2010; Hasibeder et al. 2015). 
However, plant age influences the availability of root carbohydrate reserves (Bahn et al. 
2006); hence, in contrast to the mature forests reported in other studies, it is likely that the 
root C reserves were rapidly used up following shading in the young trees (3 years old) used 
in this study, resulting in rapid decline in root respiration. Shading is potentially an effective 
partitioning method with a number of benefits compared to root exclusion methods (such as 
trenching and other physical separation techniques). Some of these methods may significantly 
underestimate the contribution of roots due to limitations such as the physical disturbance to 
the soil structure and decomposition of decayed roots (Subke et al. 2006).  
The addition of glucose, straw, fungal necromass and biochar, representing organic matter of 
varying structural complexities, resulted in increased microbial metabolic activities as 
indicated by higher CO2 fluxes from soils of both shaded and un-shaded trees. As shown by 
the excess 13C in soil CO2 efflux, glucose, straw and fungal necromass were decomposed in 
both shaded and un-shaded treatments, whereas biochar was not decomposed in either 
shading treatments. The lack of biochar decomposition was likely because biochar, being a 
relatively recalcitrant substrate (Cross & Sohi 2011; Schmidt et al. 2011) is not readily 
available for microbial metabolism. Incubation studies have reported occurrences of biochar 
decomposition as well as a lack of decomposition (Zimmerman 2010, Stewart et al. 2013, Cui 
et al. 2017, Luo et al. 2017a), and the contrasting results may be attributed to differences in 
the combustion temperature, duration and biomass used for biochar production, which 
influence its lability (Zimmerman 2010). Use of natural abundance of C4 vegetation for 
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biochar contrasts with the much higher enrichment of other substrates. However, it is unlikely 
that the apparent lack of biochar decomposition is an artefact of the reduced isotopic range, as 
the contrast in C3 and C4 vegetation (c. -4‰ vs. c. -28‰) is the basis of many successful 
partitioning approaches (e.g. Yin et al. 2018).   
The supply of assimilate C to the rhizosphere did not enhance the decomposition of 
substrates, as we did not observe any difference in the mineralization of glucose, straw, 
fungal necromass or biochar between shaded and non-shaded treatments. Previous studies 
that investigated the interaction between root activity and litter decomposition have either 
reported a positive (Subke et al. 2004, 2011; Trap et al. 2017) or negative (Gadgil & Gadgil 
1971; Averill et al. 2014) effect of roots on litter decomposition. Since roots and ECM were 
present in both un-shaded and shaded treatments, it is possible that in addition to 
heterotrophic saprotrophs, ECM fungi contributed to the mineralization of the added 
substrates. Although, ECM fungi receive their C primarily from host plant photosynthates in 
return for nutrients, they may also access soil C either from the metabolism of low molecular 
weight compounds (Talbot et al. 2008) or through decomposition of complex organic 
compounds (Phillips et al. 2014) by investing in enzymes involved in the mobilization of C 
(Buée, Vairelles & Garbaye 2005; Buée et al. 2007; Courty, Bréda & Garbaye 2007).   
As flux partitioning using the isotopic composition showed, the addition of fresh substrate 
increased CO2 flux from sources other than the added substrate. This additional CO2 efflux 
might have been caused by increased root-derived respiration, increased turnover of soil 
microbial biomass and/or accelerated SOM decomposition, all of which had similar isotopic 
compositions. We hypothesise that the additional un-labelled CO2 production was caused by 
an initial increase in the turnover of microbial biomass C (apparent PE), followed by 
increased decomposition of SOM (real PE) rather than from higher rhizo-microbial 
respiration. It is possible that the proliferation of roots and associated mycorrhizal fungi in 
response to the addition of substrates also contributed to the observed increase in un-labelled 
CO2 flux. However, the absence of a similar proliferation in shaded treatments suggests that 
the availability of labile C in the rhizosphere, not root growth causes the observed pattern. In 
a pot experiment, to test the contribution of ectomycorrhizal roots to the additional un-
labelled CO2 released following the addition of 13C-labelled sucrose, Ekblad & Högberg 
(2000) found no increase in rhizomicrobial respiration with added sugar, corroborating our 
conclusion that the additional un-labelled CO2 is from organic matter decomposition.  
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The rapid flush of un-labelled CO2 efflux from both shaded and un-shaded treatments on or 
before 24 h was likely due to increased microbial turnover rates, and we propose that real PE 
involving the decomposition of SOM commenced after 1 day of substrate additions in the 
forest soil of our mesocosms. Therefore, this study demonstrates that the addition of complex 
substrates mostly causes real PE. Most likely due to the production of extracellular enzymes 
and subsequent co-metabolism of SOM (Blagodatskaya & Kuzyakov 2008; Fontaine et al. 
2011; Blagodatskaya et al. 2014a). The PE occurred in two stages: short-term apparent PE 
occurring immediately after substrate addition followed by long-term real PE, which was 
predicted by the model of Blagodatsky et al. (2010). This temporal dynamic of PE has also 
been reported by others (Nottingham et al. 2009; Blagodatskaya et al. 2011a), and requires 
confirmation by distinct partitioning of rhizomicrobial respiration from microbial 
decomposition, whilst also tracing microbial biomass pools with a three-source labelling 
approach. 
Positive priming effects of substrate on SOM, as reflected by increased soil derived CO2 in 
soils amended with substrates relative to control soils, were generally lower in shaded 
treatments than un-shaded treatments. Glucose-amended soils were the exception; PE was 
greater in the absence of C supply to the rhizosphere. Supporting our second hypothesis, this 
demonstrates that rhizosphere C supply coupled with the input of substrate amendments 
accelerates SOM decomposition. In realistic field conditions, different forms of substrates are 
released into forest soils as litter or rhizodeposits (Kuzyakov 2010). However, our study is 
among the few that have investigated the combined effect of fresh substrate input and an 
intact rhizosphere in either forest  (Subke et al. 2004) or agro-ecosystems (Mwafulirwa et al. 
2017). A potential shortcoming of our simple forest system in this mesocosm study is the 
absence of the associations of ECM mycelium with more than one tree that may be found in 
natural forests (Lang et al. 2011), such that altered C supply from one tree host might be 
compensated by C supply from another tree host. Notwithstanding, our results suggest that in 
shaded treatments, microorganisms degraded the added substrate to derive energy for 
microbial growth, which led to co-metabolism of SOM. The PE observed in these shaded 
treatments was not significantly different among substrates, indicating that the acquired C 
from decomposition of labile fractions of substrates were not sufficient to sustain microbial 
activities for long. This suggests that the energy needed to metabolize SOC is greater than the 
energy acquired from the catabolism of the added substrate (Fontaine et al. 2007).  
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Soil priming after substrate additions was likely due to microbial activation (Cheng & 
Kuzyakov 2005), as we did not observe any difference in total microbial biomass C between 
shading treatments and among different substrates. Other studies have also attributed the 
increase in SOM decomposition to microbial activation in the presence of roots (Zhu et al. 
2014; Kumar et al. 2016; Mwafulirwa et al. 2017) or substrates (Blagodatskaya et al. 2011a, 
2014a; Shahbaz et al. 2017b). Owing to the low N soil content (0.35%), and no addition of 
fertiliser to the soils before or after planting, the soils were strongly N limited. This N 
limitation was further aggravated by adding substrates with high C to N ratio at 
concentrations (3 mg substrate C g-1 soil) high enough to induce SOM decomposition  (Luo 
et al. 2016; Liu et al. 2017). Therefore, it is likely that in a bid to meet their nutrient 
demands, microorganisms utilized the rhizodeposits or the labile C fraction of substrates as 
an energy source to decompose the less available more stable SOM, and mobilize nutrients 
(i.e. the microbial mining hypothesis, (Fontaine et al. 2011)). Similar increased SOM 
decomposition was observed with the input of substrates with high C:N ratios into subtropical 
forest soils when compared to nutrient-rich soils (Qiao et al. 2016). This further supports the 
hypothesis that the direction and magnitude of PE is controlled by the compromise between 
energy and nutrient availability for SOM decomposition (Fontaine et al. 2003).  
In general, the decomposition of complex substrates is dominated by fungi, whereas bacteria 
dominate decomposition of soluble substrates (sugars and amino acids) (Fontaine et al. 
2011). In the presence of substrates, higher PEs were observed in un-shaded treatments than 
in shaded treatments with limited C supply to ECM fungi. This suggests that the supply of C 
by plants to roots and their associated ectomycorrhizae exerts a greater effect on SOM 
decomposition than the addition of substrates directly to the soil. However, a three-source 
partitioning of total CO2 efflux is required for further confirmation. Ectomycorrhizal fungi 
therefore have a significant influence on soil C storage and the magnitude of this influence is 
dependent on plant productivity (Moore et al. 2015a).  
Although both simple and complex substrates increased the decomposition of SOM, we 
observed higher priming effects in the presence of complex substrates of low microbial 
availability and higher C:N ratio than from glucose-amended soils. This result does not 
support our third hypothesis that SOM decomposition is higher following the addition of a 
readily available substrate (glucose) compared to complex substrates. Glucose is soluble and 
readily available for microbial utilization, whereas straw residue, fungal necromass and 
biochar have complex polymerised C molecules that require more energy for the production 
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of enzymes to decompose them (Luo et al. 2016). Our findings suggest that glucose addition 
stimulated only microorganisms that are specialised in decomposition of easily utilizable C 
(r-strategists; Fontaine et al. 2003), whereas straw, fungal necromass and biochar additions 
stimulated the activities of microorganisms that are responsible for the decomposition of 
complex organic molecules by synthesizing extracellular enzymes. Positive PE was therefore 
due to co-metabolism of SOM during the decomposition of the complex substrates 
(Kuzyakov et al. 2000; Paterson & Sim 2013).  
Biochar has been shown to improve soil fertility as well as reduce soil nutrient losses (Sohi et 
al. 2010; Quilliam et al. 2012). However, biochar is a recalcitrant material, not readily 
available for microbial degradation, and the addition of biochar has been reported to have 
either a negative PE (Cross & Sohi 2011; Cheng et al. 2017), or a positive PE (Wardle, 
Nilsson & Zackrisson 2008; Cui et al. 2017). The feedstock, pyrolysis temperatures and 
retention duration used during biochar production, together with the age of the biochar and 
the duration of the experiment can greatly influence potential PE. In a recent study, 
(Zimmerman and Ouyang 2019) attributed the priming of organic matter by biochar to the presence 
of habitable surfaces on biochar that encouraged the growth and activities of microbes, hence co-
metabolism of SOM. As no mineralization of biochar was observed in this study, positive PE 
induced by biochar obtained from Miscanthus biomass was likely due to the higher stability of 
biochar that changed the physico-chemical characteristics of soil (e.g. pH, porosity and bulk density), 
thus promoting SOM decomposition (Sohi et al. 2010, Luo et al. 2017b).  
 
2.6 Conclusion 
The combination of tree shading and addition of substrates in this forest soil mesocosm 
experiment enabled us to investigate the effects of rhizosphere C supply and fresh organic 
matter inputs on the decomposition of SOM. Although the addition of both simple and 
complex fresh organic matter increased SOM decomposition in shaded treatments, the supply 
of photoassimilate C to roots and ECM fungi further accelerated SOM decomposition in the 
presence of fresh organic matter as observed in un-shaded treatments. In nutrient-limited and 
ECM dominated systems such as temperate and boreal forests, interactions between increased 
rhizodeposition and litter input resulting from higher atmospheric CO2 concentrations (CO2 
fertilization effect) may reduce soil C stocks and the sequestration ability of these systems. 
Better understanding of the mechanisms of PE and the net effect of fresh organic matter input 
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into forest soils might be obtained by measuring extracellular enzyme activities and 
estimating soil C budgets in forest ecosystems. 
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Chapter 3 
Labile carbon limitation alters organic matter decomposition in a 
temperate forest soil 
 
3.1 Abstract 
Increased plant productivity as a result of elevated atmospheric CO2 concentrations increases 
the supply of carbon (C) to the rhizosphere either as rhizodepositions or as litter input. These 
C inputs may in turn enhance decomposition of old SOM through the priming effect, resulting 
in increased soil CO2 efflux and net loss of soil C. Although several priming studies have 
investigated the effects of adding substrates to soil, the effect of different substrates of 
ecological importance and their interactions with belowground C allocation from plants have 
not been well explored. We here investigate the effect of adding 13C-labelled substrates of 
varying structural complexity and chemical composition (glucose, straw, fungal necromass or 
biochar) to soils whilst simultaneously manipulating C supply from plants in the rhizosphere, 
using trenching. We found that glucose and straw additions increased decomposition of native 
SOM by between approximately 27% and 42% irrespective of rhizosphere C supply, whereas 
fungal necromass and biochar had no significant effect on SOM decomposition. Belowground 
assimilate C supply had no significant impact on substrate decomposition. This study 
demonstrates that substrate quality influences PE, as a positive PE was induced by the addition 
of a labile substrate whereas complex substrates did not induce a PE, suggesting that 
microorganisms were C-limited. As the PE is linked to the availability of labile substrates, we 
speculate that root C supply to symbiotic mycorrhizal fungi alleviates C limitation of enzyme 
production, which may have implications for terrestrial C stocks.   
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3.2 Introduction 
Temperate and boreal forests are regarded as the primary terrestrial carbon (C) sink for 
atmospheric carbon dioxide (CO2),  storing majority of this C in soils as organic matter (Pan et 
al. 2011). The extent to which these forests will remain as C sinks under changing climate 
remains uncertain, as the fate of forest C sinks is dependent on the balance between C gains 
from primary productivity and C losses through respiration. Although elevated atmospheric 
CO2 conditions increases net primary productivity (NPP), only minor change in C stocks has 
been reported (Drake et al. 2011; Phillips et al. 2012). Increases in fresh plant derived C have 
been suggested to drive decomposition of old SOM through the priming effect. With the 
pending issue of climate change, caused as a result of rising atmospheric CO2 concentrations, 
there is an urgent need to better understand how changes in environmental conditions with their 
accompanying effects such as increased plant productivity and litter production will affect soil 
C pools (Terrer et al. 2018). 
Soil respiration (soil CO2 efflux) is the primary route by which C stored in forests returns to 
the atmosphere. Sources of soil CO2 efflux include: (a) root respiration, (b) decomposition of 
root derived C (rhizomicrobial respiration), (c) decomposition of fresh organic matter (FOM, 
e.g. litter and root residues), (d) decomposition of old soil organic matter (SOM), (e) additional 
decomposition of SOM by substrate input from root or litter (priming effect), and (f) 
weathering of soil carbonates (Subke et al. 2006). The dynamics of these components are 
regulated by abiotic factors (such as temperature and moisture), litter quality and biotic factors 
(microbial community composition and structure; Cleveland et al. 2014; Wang et al. 2014; Yu 
et al. 2015; Moinet et al. 2018; Subke et al. 2018). However, the relative influence of these 
factors differs. In recent years, there is increasing research on priming effect, in order to assess 
the potential increase in SOM decomposition caused by C input, which may result in positive 
feedback to the atmosphere (Vestergård et al. 2016a). Studies have suggested that increased C 
supply from rhizodeposition and litter input may stimulate old SOM decomposition thereby 
offsetting the increased C sinks under elevated CO2 conditions (Phillips et al. 2012; Vestergård 
et al. 2016b; Terrer et al. 2018). 
The priming effect (PE) is the short-term change in the decomposition of SOM caused by 
moderate substrate inputs to soils such as exudation of organic substances by roots (rhizosphere 
priming effect) or the addition of other labile substrates into soils (Kuzyakov et al. 2000). 
Priming effects can either be “apparent” or “real”. “Apparent” PEs occur when the addition of 
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substrate increases CO2 efflux resulting from the activation of microbial metabolism (De Nobili 
et al. 2001). On the other hand, increased SOM decomposition due to co-metabolism and 
higher enzyme production following increased microbial activities caused by the addition of 
substrates is referred to as a “real” PE (Blagodatskaya & Kuzyakov 2008). The addition of 
substrates alters microbial community composition such that fast-growing microbes, generally 
referred to as r-strategists, may be stimulated immediately after labile C addition, whereas the 
slow growing K-strategists that are able to degrade complex substrates are involved in the later 
stages of decomposition (Fontaine et al. 2003). 
It has been shown that the magnitude and direction of priming is dependent on soil variables 
such as N content (Fontaine et al. 2011; Paterson & Sim 2013; Kumar et al. 2016), and plant 
variables such as their mycorrhizal associations and root exudation (Yin et al. 2014, 2018; 
Blagodatskaya et al. 2014b). Compared to rootless soils, changes in SOM decomposition 
ranging from 50% decline to four-fold increase have been reported in planted soils (Cheng et 
al. 2014). Plant roots interact with soil microbes in several ways (Averill & Finzi 2011; 
Heinemeyer et al. 2012; Brzostek et al. 2015; Moore et al. 2015a), which in turn affect 
ecosystem processes such as soil respiration and nutrient cycling. For instance, living plant 
roots release organic C such as root exudates, sloughed-off root cells, mucilage etc., 
collectively called rhizodeposits into the soil (Jones et al. 2009), which are utilized by soil 
microbes for the production of extracellular enzymes that are involved in the decomposition of 
more complex organic matter to mobilize C and nutrients (Kuzyakov 2010). Plant roots may 
also compete with free-living saprotrophs for soil nutrients, making nutrients unavailable for 
saprotrophs (Lindahl et al. 2010).  
Roots of temperate forests are often associated with ectomycorrhizal (ECM) fungi (Lang et al. 
2011) that supply the host plant root with nutrients in exchange for energy supply (Smith & 
Read 2002). Plants allocate up to 22% of their assimilate C to ECM fungi (Hobbie 2006), which 
enables the ECM fungi to form extensive hyphal networks in soils, thereby colonizing the 
mineral horizons in contrast to saprophytic fungi that are mostly found in the surface horizons 
(Lindahl et al. 2007). ECM fungi also produce extracellular enzymes which enable them to 
decompose SOM (Talbot et al. 2008). This suggests that ECM fungi may play a significant 
part in SOM decomposition, although previous studies have contrasting reports on the effect 
of ECM fungi on SOM dynamics: Although some studies have reported that the presence of 
ECM fungi limits SOM decomposition by competing with other saprotrophs for nutrients, 
generally known as the “Gadgil effect” (Gadgil & Gadgil 1975; Averill et al. 2014; Averill & 
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Hawkes 2016). Others have shown that ECM fungi accelerate SOM decomposition by 
enhancing the availability of N for microbial and plant uptake (Phillips et al. 2012; Brzostek et 
al. 2013). This later concept fits into the paradigm of PE, where the supply of assimilate C to 
ECM fungi from host plant root stimulates microbial activities to mobilize nutrients from 
complex soil organic matter pools (Phillips et al. 2012; Moore et al. 2015b).  
The majority of priming studies focus on the addition of either simple (Derrien et al. 2014; 
Qiao et al. 2014; Tian et al. 2015) or complex substrates (Fang et al. 2018; DeCiucies et al. 
2018), or the effects of roots on SOM decomposition (Zhu et al. 2014; Kumar et al. 2016; 
Murphy et al. 2017; Yin et al. 2018). Carbon enters into the soil through different pathways 
such as rhizodeposition, litter fall, or as dead root and fungal biomass, which vary in their 
chemical compositions and microbial availabilities, and therefore may vary in their 
significance in observable PEs. Hence, it is imperative to investigate the potential effects of 
these different C inputs on SOM decomposition, to predict changes in C storage with different 
C inputs. One girdling study found a higher rate of litter decomposition in un-girdled plots than 
in girdled plots, suggesting an interaction between rhizosphere C supply and litter 
decomposition (Subke et al. 2004). However, the interactions between the decomposition of 
specific substrates and assimilate C supply to the rhizosphere from plants have not been well 
explored. 
This study aims to investigate the interactions between organic substrates of varying chemical 
complexities and belowground assimilate C supply in the field. The use of mesocosm 
experiment enables the control of environmental factors in order to isolate interested factors to 
be investigated with minimum interference from external factors that may be found under a 
natural scenario. It is important to validate the findings of small-scale experiments in the field 
for better understanding of processes that are found in natural ecosystems. We test the 
hypothesis that the decomposition of organic substrates is promoted by the supply of assimilate 
C to roots and ECM fungi. We also hypothesize that the inputs of both simple that are readily 
available for microbial uptake and complex organic substrates promote the priming of native 
SOM, with greater priming in the presence of simple than complex substrates. 
 
3.3 Methods 
3.3.1 Study Site 
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The study was performed in a beech (Fagus sylvatica L) woodland, with trees planted at least 
5 m apart located on the campus of the University of Stirling, Scotland, UK (56⁰08′ N, 3⁰54′ 
W). The forest stand had a closed canopy with sparse understory vegetation of shrubs (Urtica 
dioica). The mean annual precipitation and maximum temperature (1981 – 2010) are 1019 mm 
and 9.2 ᵒC, respectively (UK Met Office 2017). The soil is brown earth soil formed from 
fluvioglacial sands and gravels in the Dreghorn series of UK (Soil Survey of Scotland Staff 
1981). The soil is sandy loam soil with a pH of 4.0. The organic C and N contents are 4.5% 
and 0.4% respectively, and C/N ratio of 11.5. 
 
3.3.2 Experimental design 
To assess the influence of rhizosphere C supply, two treatments were established; one where 
rhizosphere C supply was altered (trenched treatment), and another with intact rhizosphere C 
input (untrenched treatment). Fifteen PVC collars (20 cm diameter) for each treatment were 
cut to a length of 45 cm to establish trenched treatments whereas shallow collars (untrenched 
treatments) were cut to a length of 5 cm.  
Twenty collar locations (trees) within this beech stand were identified in May 2016 and soil 
CO2 measurements were taken from these locations using an infra-red gas analyser (IRGA, PP 
systems, Germany) attached to a 15 cm custom-built chamber. Based on the CO2 
measurements, fifteen collar locations were ranked and assigned into three blocks, in a 
randomized block design, such that each block contained all treatments and substrates. One 
deep and shallow collar each was assigned to stand locations in a paired design making a total 
of 30 collars. Collars were positioned at least 50 cm but not more than 2 m from the base of 
the nearest tree and at least 1 m apart from the paired collar. Deep collars were hammered into 
the soils on the 10th of June 2016, using a bread knife to cut through large roots, ensuring that 
they cut beyond the root zones. All deep collars were cut through to at least a depth of 30 ± 2 
cm. The shallow collars were inserted gently into the soil (1 - 2 cm), minimizing disturbance 
to the soil whilst ensuring also that a good seal with the soil surface is achieved.  
   
3.3.3 Preparation and application of 13C labelled substrates 
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Four substrates with distinct isotopic compositions and varying chemical structures were 
prepared as described in Chapter 2 (mesocosm study, Jackson et al. 2019): glucose, straw, 
fungal necromass and biochar. Chemical characteristics and isotopic signature of the substrates 
are also presented in Table 2.1. The substrates were applied into collars in their solid states on 
24th August 2016, by mixing into the top 2 cm of soil, after which 250 cm3 of water was added 
to all treatments. Glucose, straw and fungal necromass were applied at the rate of 3 mg C g-1 
soil whereas biochar was applied at rate of 4.7 mg C g-1 soil (volume = 158 cm3). Control 
treatments were exposed to the same conditions as other treatments, by mixing the top 2 cm 
and adding water only. 
 
3.3.4 Soil CO2 efflux and isotopic composition measurements 
Prior to the addition of substrates on 24th August 2016, soil CO2 efflux measurements were 
carried out using a portable EGM-4 infrared gas analyser (PP Systems, Amesbury, MA, USA) 
attached to a 15 cm diameter custom-built respiration chamber (volume of 2,300 cm3), inserted 
gently into soil (< 1 cm). Following the addition of substrates, gas samples were collected for 
soil respiration measurement and isotopic analysis by inserting PVC gas flux chambers (15 cm 
diameter, 5 cm height) into soils (~ 1 cm depth) for 15 minutes to allow CO2 to accumulate in 
the chambers. Gas samples were collected 2.5 and 5 h (for glucose, straw and control treatments 
only), 1 d, 3 d, 7 d, 21 d and 30 d after the addition of substrates. Ten chambers were placed 
on the soil on each occasion, whereby both trenched and untrenched treatments of all substrate 
treatments within an experimental block were sampled simultaneously. CO2 samples were 
collected through a septum in the chamber using 20 ml syringes and injected under pressure 
into previously evacuated exetainers (12 ml, Labco Ltd, UK) for CO2 measurements and 
isotopic analyses. The concentration of CO2 was obtained using a gas chromatograph, GC-MS 
(Hewlett Packard 5890) coupled to a flame ionization detector. Isotopic δ13C values of the gas 
samples were measured at the Life Sciences Mass Spectrometry Facility (CEH, Lancaster, UK) 
using an Isoprime trace gas preconcentration unit coupled to a Micromass IsoPrime Isotope 
Ratio Mass Spectrometer (Elemental Ltd, Stockport, UK) at an analytical precision of ± 0.17‰. 
 
3.3.5 Soil analysis 
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Soil samples were collected from all collars up to a depth of 5 cm on 23rd September 2016, 
after the completion of gas sampling. The soils were stored in sealed plastic bags at 4 ⁰C until 
analysis. Soil microbial biomass carbon (MBC) was determined using the fumigation 
extraction method (Vance et al. 1987). Field moist soil was passed through a 2 mm sieve and 
5 g were weighed into two 20 ml glass jars. One jar was fumigated in a desiccator with alcohol-
free chloroform and water (to avoid drying) for 24 h, while the other jar was not fumigated. 
Both fumigated and non-fumigated soils were extracted with 20 ml of 0.5 M K2SO4 solution. 
The solution was shaken for 30 min at 300 rpm and filtered with Whatman no. 42 filter papers 
(pore size: 2.5 µm). The filtrate was analysed for total organic C (TOC) using a TOC – VCSN 
analyzer (Shimadzu Corporation, Kyoto, Japan). Microbial biomass C was calculated as the 
difference between fumigated and non-fumigated samples using a kEC factor of 0.45 (Wu et al. 
1990; Joergensen 1996). 
Soil samples were also analysed for the isotopic signature after drying and grinding soil 
samples. The analysis was carried out at NERC Life Science Stable Isotope Facility (Lancaster, 
UK) using an automated Carlo Elba NA1500 elemental analyser coupled to a Dennis Leigh 
Technology isotope ratio mass spectrometer. 
 
3.3.6 Root biomass and decay 
Root biomass was determined by randomly collecting fifteen soil cores (5 cm diameter, 30 cm 
depth) close to the collar pairs from the site. Each core sample was divided into three 10 cm 
depth classes. Variations in the volume of soil collected from cores were observed, which might 
contribute to spatial variations in root biomass. The soil within each depth class was 
homogenized, and fine (< 2 mm) and coarse (> 2 mm) roots were picked using tweezers. All 
roots were thoroughly picked out from each depth class for a period of 50 min or less at 10 min 
intervals from eight of the soil core samples to obtain a calibrated estimate of root picking 
efficiency for these soils (Metcalfe et al. 2007). Based on this efficiency (Appendix 3), roots 
were picked from all other cores for only 10 min and total root biomass per root diameter class 
estimated. Root samples were dried at 70°C to constant mass and placed overnight in furnace 
at 550°C to obtain ash-free dry mass. Root ash-free dry mass was converted to root C using a 
root C content of 44% (Epron et al. 1999). 
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An exponential decay function was used to determine the contribution of dead decomposing 
roots, in order to correct soil efflux in trenched collars: 
ܯଵ =  ܯ଴݁ି௞௧      (3.1) 
Where M1 and M0 are the remaining and initial root dry mass respectively, t is the time elapsed 
after trenching (year), and k denotes the decay constant. Decay constant values used for fine 
and coarse beech roots were 0.38 and 0.22 year-1 respectively (Epron et al. 1999). CO2 efflux 
from root decomposition (CRoot) was calculated (Epron et al. 1999): 
ܥோ௢௢௧ = (1 − ܽ) ܿ ܯ଴ (1 − ݁ି௞ )    (3.2) 
Where c and a are the initial C concentration in the root, and the fraction of initial C in root 
that was incorporated into SOM (44% and 0.22 respectively; Epron et al., 1999). The CRoot 
estimate was subtracted from soil CO2 efflux in S collars to correct for decomposing fine and 
coarse roots. 
3.3.7 Environmental parameters 
Soil moisture was obtained from each collar at 10 cm depth at every gas sampling time using 
SM150 moisture sensor (Delta-T devices, Cambridge, England). Soil temperature at 5 cm depth 
was logged at 30 minutes intervals using three Tinytag Plus Two logger with PB-5001 
thermistor probes (Gemini Data Loggers, Chichester, UK). Average soil temperature for the 
period of 09:00 to 17:00 on each sampling day was obtained from all three data loggers.  
3.3.8 Calculations 
The CO2 concentrations of gas sampled from the collars were corrected using the average 
isotopic ratio of the atmospheric air samples collected above the soil surface during the 
sampling period according to:    
ߜோ௘௦௣௜௥௘ௗ ܥோ௘௦௣௜௥௘ௗ =  ߜௌ௔௠௣௟௘ ܥௌ௔௠௣௟௘ − ߜ஺௜௥ܥ஺௜௥  (3.3) 
Where δ is the δ13C isotopic signature and C is the CO2 concentration of the respective 
components.  
The total CO2 respired was then partitioned into CO2 derived from soil (CSoil; i.e. including all 
heterotrophic and autotrophic sources of CO2 except the labelled substrates) and substrate 
(CSub) using a two end-member mixing model: 
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ߜோ௘௦௣௜௥௘ௗ ܥோ௘௦௣௜௥௘ௗ =  ߜௌ௢௜௟  ܥௌ௢௜௟ −  ߜௌ௨௕ܥௌ௨௕   (3.4) 
Where CRespired is the total CO2 respired and δRespired, δSoil, and δSub are the δ13C isotopic 
composition of the total CO2, soil and labelled substrates respectively. Here, the suffix “soil” 
refers to the CO2 derived from both rhizomicrobial (root + ECM) and heterotrophic respiration, 
whereas the suffix “sub” represents glucose, straw, fungal necromass and biochar treatments. 
The fraction of total soil CO2 efflux derived from substrate (fSub) and soil (fSoil) were calculated 
as: 
ௌ݂௨௕ =  
ఋೃ೐ೞ೛೔ೝ೐೏ି ఋಿೄ
ఋೄೠ್ି ఋಿೄ
      (3.5) 
ௌ݂௢௜௟ = 1 −  ௌ݂௨௕      (3.6) 
Where δNS is the isotopic composition of gas samples collected from control collars without 
any added substrate. The CO2 derived from the added substrate was calculated as: 
ܥௌ௨௕ =  ௌ݂௨௕  ×  ܥோ௘௦௣௜௥௘ௗ     (3.7) 
Standard errors of the fraction of substrate in total CO2 efflux was calculated such that the 
variabilities of the sources (δSoil and δSub) and mixture were accounted for according to the 
method by Phillips and Gregg (2001): 
ܵܧ ( ௌ݂௨௕) = ටቀ
ଵ
ఋೄೠ್ିఋಿೄ
ቁ
ଶ
ቂߪଶఋೃ೐ೞ೛೔ೝ೐೏ + ௌ݂௨௕
ଶߪଶఋೄೠ್ + (1 − ௦݂௨௕)ଶߪଶఋಿೄቃ (3.8) 
Where σ represents the standard error of the mean isotopic compositions of the components as 
indicated by suffices. 
Priming effect of soil C decomposition induced by the addition of substrates was calculated as 
the difference in the soil derived CO2 efflux between control soils without substrates and 
substrate amended soils: 
ܲܧ(%) = ஼ 
ೌ೘೐೙೏೐೏
ೄ೚೔೗ି ஼ ಿೄ ೄ೚೔೗
஼ ಿೄ ೄ೚೔೗
 ×  100    (3.9) 
Where amendedCSoil is the soil derived CO2 in soils amended with biochar, straw, fungal 
necromass or glucose of untrenched and trenched treatment, as determined from CSoil = CRespired 
- CSub; and NSCSoil is the soil derived CO2 in control soils without substrate addition for the 
respective treatment. 
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Priming effect of substrate decomposition induced by rhizosphere C input from roots was 
calculated as the difference in the substrate derived CO2 between untrenched and trenched 
treatments: 
ܴܲܧௌ௨௕(%) = ( ܥ ோெௌ ௌ௨௕ − ܥ ௌ ௌ௨௕)/ ܥ ௌ ௌ௨௕ × 100   (3.10) 
Where RMSCSub and SCSub are substrate derived CO2 in untrenched and trenched treatments 
respectively. 
 
3.3.9 Statistical analysis 
A paired T-test was used to test for the significant differences between soil CO2 efflux in the 
untrenched and trenched control treatments without substrate. Linear mixed-effect models 
were used to test the effects of rhizosphere C supply and substrate amendments, and their 
interactions separately on total CO2 efflux rates, soil- and substrate- derived CO2. Mixed effect 
model was fitted with collar treatment and substrate as fixed effects using lmer function in 
lme4 package. To account for the differences in individual trees within each block, and the 
repeated measurements during the sampling period, trees nested within each block and 
sampling days were included as random effects in all models. Models were fitted using 
maximum likelihood and the best parsimonious model selected by stepwise backward selection 
based on the lowest Akaike information criteria (AIC) (Pinheiro & Bates 2000). Tukey post-
hoc tests were used for pairwise comparisons at statistical significance level of 0.05 using the 
glht function within the multcomp package (Hothorn, Bretz & Westfall 2008). The effects of 
trenching and substrate addition on microbial biomass was also analysed using ANOVA 
following a linear mixed effect model. The relationships between soil respiration and microbial 
biomass or environmental parameters (soil moisture, temperature) were also analysed with 
linear mixed effect model. In all analyses, data were log transformed when assumptions for 
parametric analysis was violated.  All analyses were done with R Studio v1.0.143 (R Core 
Team 2017). 
 
3.4 Results 
Total fine and coarse root biomass (0 - 30 cm) for the study site were 409 ± 45.7 and 344 ± 115 
g C m-2 respectively (Table 3.1). The remaining root biomass (fine and coarse) derived from a 
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simple exponential decay model, indicated that 10% of the dead fine and 6% of dead coarse 
roots had decayed in almost 3.5 months. Decaying fine and coarse roots contributed 
approximately 0.4 µmol m-2 s-1 to soil CO2 efflux from collars. The average corrected CO2 
efflux from 25th May to 21st September 2016 was 1.85 ± 0.29 µmol m-2 s-1 from untrenched 
treatment and 1.29 ± 0.20 µmol m-2 s-1 from trenched treatments. The contribution of 
rhizomicrobial respiration to total soil CO2 efflux for the sampling period was 31%, calculated 
as difference between untrenched and trenched treatments. Although, soil moisture differed 
between treatments with higher soil moisture in untrenched treatments than trenched treatments 
prior to substrate addition, there were no overall significant differences in the soil moisture and 
temperature between untrenched and trenched treatments (P > 0.05, Fig. 3.1A & B).  
 
Table 3.1 Biomass C of fine (<2 mm) and coarse (> 2 mm) roots estimated from soil cores 
collected from Fagus sylvatica forest, Stirling, UK prior to trenching (mean ± 1 SE, n = 15). 
The carbon concentration of roots was estimated as 44% (Epron et al. 1999). 
Depth Fine root (g C m-2) Coarse root (g C m-2) 
0-10 254 ± 43.2 26.9 ± 0.01 
10-20 107 ± 11.1 99.2 ± 22.3 
20-30 47.1 ± 9.60 217 ± 113 
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Figure 3.1 Soil temperature at 5 cm depth (A), moisture content at 10 cm depth (B), soil CO2 
efflux (C) of untrenched (open circles) and trenched (filled circles) treatments in a beech 
forest near Stirling, UK. Trenching was carried on 10th June 2016 as indicated by red broken 
lines. Values are mean ± 1 standard error. Prior to 24th August, soil respiration and moisture 
contents were measured from all collars in each treatment (n = 15). Measurements were taken 
from control collars without substrates after substrate addition (n = 3). Soil temperature was 
derived from the average of soil temperature from three data loggers between 9:00 and 17:00 
on the days when soil respiration and moisture contents were measured. 
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Increases in 13C in soil CO2 efflux above the natural abundance were observed shortly after the 
addition of 13C-labelled glucose, straw and fungal necromass in both treatments (Fig. 3.2). The 
mineralization of glucose was highest during the first week of glucose addition, which was 
followed by a rapid decline in glucose mineralization. Higher 13C in soil by c. 0.5 atom% was 
observed 24 h after the addition of straw in untrenched and trenched treatments that persisted 
for the duration of 30 d, with a peak of c. 1 atom% observed on day 7 in trenched treatments. 
The addition of fungal necromass also increased the 13C signature by c. 0.3 atom% throughout 
the sampling period in both treatments. The 13C signature of soils amended with biochar, on 
the other hand, did not differ from natural abundance (P > 0.05).  
The addition of substrates and trenching had significant effects on CO2 efflux (P < 0.001), but 
there was no significant interaction between the two factors. Post hoc test showed that although, 
glucose and straw increased soil CO2 significantly, the effects of fungal necromass and biochar 
were not significant. The addition of glucose led to the greatest increases in CO2 efflux by 45% 
in untrenched (Tukey post-hoc, P < 0.001) and 67% in trenched treatments (P < 0.05), when 
compared to the respective control treatments without substrate (Fig. 3.3 & 3.4). Total CO2 
efflux in both trenching treatments was also higher following the addition of glucose than the 
addition of fungal necromass or biochar. However, total CO2 efflux in both untrenched and 
trenched treatments was not significantly different between soils without substrate additions 
(control) and soils amended with straw, fungal necromass or biochar. Furthermore, CO2 efflux 
was not significantly different between untrenched and trenched treatments for any substrates 
for the period of 30 days after substrate addition (Tukey post-hoc, P> 0.05).  
The amount of CO2 derived from substrates differed significantly between untrenched and 
trenched treatments (P < 0.01) and varied among substrates (P < 0.001). However, there was 
no significant interaction between treatments and substrates (P > 0.05). Substrate-derived CO2 
was significantly greater in glucose treated untrenched treatments than biochar untrenched 
treatments (P < 0.001). In trenched treatments, glucose also had significantly higher substrate 
derived CO2 than straw (P < 0.001) and biochar (P < 0.01) (Fig. 3.3 & 3.4). For the period of 
30 days after substrate addition, the substrate-derived CO2 ranged between -0.042 ± 0.001 and 
0.39 ± 0.14 µmol m-2 s-1 in untrenched treatments and 0.03 ± 0.003 and 0.49 ± 0.17 µmol m-2 
s-1 in trenched treatments. 
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Figure 3.2 Excess of 13C in CO2 efflux relative to the natural abundance in un-labelled soil 
with time following the addition of 13C- labelled glucose (circles), straw (squares), fungal 
necromass (diamonds) and biochar (triangles) into untrenched (A) and trenched (B) collars. 
Values are mean ± standard error (n =3).
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Figure 3.3 Soil CO2 efflux from untrenched (open symbols, left) and trenched (filled symbols, right) treatments derived from the added 13C-
labelled substrates (A & B) and un-labelled soil (C & D) for the duration of 30 d after the addition of glucose, straw, fungal necromass or 
biochar. Error bars denote ± 1SE for n = 3. 
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Figure 3.4 Total soil CO2 efflux partitioned into CO2 derived from the input of glucose, straw, fungal necromass and biochar (substrate derived 
CO2) and CO2 derived from roots and heterotrophic respiration (Soil derived CO2) in un-trenched and trenched treatments. Error bars are 
standard errors of mean (n = 3). Difference among trenching and substrate treatments is indicated by different uppercase letters (P < 0.05, Tukey 
post hoc) for substrate-derived CO2 and lowercase letters for soil-derived CO2 efflux.  
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There was no significant priming of substrate decomposition by the input of C from the 
rhizosphere, as calculated by the difference in substrate derived CO2 between untrenched and 
trenched soils (Fig. 3.4). The priming effect (PE) of substrate addition on SOM decomposition 
was calculated as the difference in the soil-derived CO2 between substrate-amended treatments 
and control treatments without substrates. Soil derived CO2 increased significantly during the 
period of 30 d after the addition of glucose and straw when compared to controls resulting in 
PE of c. 27% in untrenched treatments, and 34% and 42%, respectively, in trenched treatments. 
The dynamics of the PE as a result of the input of glucose was different between the treatments. 
Glucose resulted in a negative PE shortly (5 h) after its addition into untrenched collars, which 
was followed by a positive PE that persisted until the end of the study (Fig. 3.5). In trenched 
collars on the other hand, positive PE was observed throughout the sampling period following 
the addition of glucose, with the peak in the first 24 h of addition. In both treatments, straw 
induced a positive PE throughout the period of 30 days with the greatest PE observed 24 h after 
its addition. Fungal necromass and biochar on the other hand, did not significantly induce any 
significant priming effect over the 30-day period. For the first three weeks of fungal necromass 
additions to untrenched collars, no PE or negative PE were observed, which was followed by 
a positive PE of 13% on day 30, whereas no significant PE was observed in trenched treatment 
throughout the duration of sampling (Fig. 3.5). The addition of biochar resulted in negative PE 
in both untrenched and trenched treatments, with positive PE observed only three weeks 
following its additions.  
Microbial biomass C did not significantly differ between untrenched and trenched treatments 
and among the different substrate treatments (Fig 3.6). Microbial biomass C was 547 ± 173 µg 
g soil-1 in untrenched treatments and 477 ± 38.3 µg g soil-1 observed in trenched treatments. 
Although the addition of substrates increased soil microbial biomass in both untrenched and 
trenched soils compared to soils that received only water (controls), these increases were not 
significant.  
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Figure 3.5 Priming effect of substrate addition on soil-derived CO2 over the period of 30 
days after the addition of 13C-labelled glucose (squares), straw (diamonds), fungal necromass 
(circles) or biochar (triangles) into untrenched treatments (open symbols, A) and trenched 
treatments (filled symbols, B). Error bars are ±1 SE of mean (n = 3). 
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Figure 3.6 Soil microbial biomass C in untrenched (open) and untrenched (closed) treatments 
after the addition of glucose, straw, fungal necromass and biochar. Values are mean ± 1 SE (n 
= 3). 
 
 
3.5 Discussion 
This study shows that the input of organic C to soils promotes the decomposition of native 
SOM, with the magnitude of the decomposition determined by the quality of the substrate. 
However, the presence of roots and ECM fungi did not significantly stimulate the 
decomposition of the added organic substrates.  
3.5.1 CO2 efflux partitioning by trenching 
Rhizomicrobial respiration, as estimated by trenching contributed 31% of total soil CO2 efflux 
in this beech forest. This is similar to the 34% observed in a recent trenching study in the beech 
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stand at Harvard forest (Savage et al. 2018). Similarly, using the trenching method, 
rhizomicrobial respiration ranged from 30 to 60% in a beech forest in France (Epron et al. 
2001). The autotrophic respiration observed in this study is on the lower side of the 10 - 90% 
range for autotrophic respiration (Hanson et al. 2000). The wide variation reported in studies 
are due to differences in ecosystems, method of partitioning, age of forest, and time-scale or 
season of study (Subke et al. 2006).  
A common limitation of trenching methods is the increase in CO2 efflux in trenched soils 
caused by soil disturbance, decaying dead roots and mycorrhizal hyphae, and increased 
moisture content (Subke et al. 2006; Comstedt et al. 2011). In this study, there was no 
significant difference in the soil moisture and temperature between untrenched and trenched 
treatments, suggesting that trenching had no effect on soil moisture content. This contrasts with 
finding by Comstedt et al., (2016), where differences in soil moisture contents between 
trenching treatments had a major effect on soil respiration estimation. Differences in the 
relative effects of soil water content in trenching studies may likely be due to varying water 
holding capacity of soils, as well as precipitation pattern of the study sites (Comstedt et al. 
2011).  
To minimize the effect of soil disturbance and decomposing roots, some studies waited for 
several months after trenching before commencing soil respiration measurements, with the 
assumption that dead root decomposition would have subsided after this period. Using decay 
constants of 0.38 year-1 in the exponential decay function, we estimated that only 16% of roots 
were decomposed within 3.5 months of trenching, indicating that fine root decomposition may 
last for several years after trenching (Ngao et al. 2007). Therefore, an assumption that roots are 
decomposed within four months of trenching may likely lead to an underestimation of 
autotrophic respiration and overestimation of heterotrophic respiration.   
Prior to correction for decaying roots, autotrophic respiration contributed 9% to total soil 
respiration for the period following trenching. After corrections for decaying roots, autotrophic 
contribution to soil respiration increased to 31%, indicating that additional CO2 from 
decomposing dead roots contributed 22% of the CO2 evolved in trenched treatments. Root 
decomposition therefore had a significant effect on the heterotrophic respiration in this study. 
This is in contrast to other studies that observed minor effects of dead root decomposition but 
a major effect of soil moisture in trenched plots (Comstedt et al. 2011; Savage et al. 2018). In 
a meta-analysis, (Subke et al. 2006) reported that studies that corrected for additional root 
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decay in trenched soils observed decreases in heterotrophic respiration ranging from 2 – 24%, 
depending on soil type, climate or quality of roots. Trenching remains an effective means of 
partitioning soil respiration into autotrophic respiration and heterotrophic, provided the 
artefacts arising from trenching are taken into account.  
 
3.5.2 Substrate effects 
Microorganisms utilize labile C substrates e.g. simple sugars as a source of energy for growth 
and for the production of extracellular enzymes that break down the complex soil organic 
matter to release the nutrients contained therein. Labile substrates are often released into the 
soil as the decomposition product of most natural polymers and also as rhizodeposits 
(Kuzyakov 2010), with glucose being the most released sugar in rhizodeposits (Derrien et al. 
2004). The exclusion of assimilates from plants to soils through trenching alters the availability 
of labile C to microorganisms. In the absence of labile C e.g. in trenched treatments, the 
biosynthesis and growth of microorganisms are limited by the availability of C and energy 
(Schimel & Weintraub 2003). Microorganisms therefore switch to a dormant metabolic state, 
when they don’t grow but maintain their metabolic activity by mineralizing soil organic C to 
CO2 (basal respiration) in readiness for the input of labile C (Joergensen & Wichern 2018). 
These microbes are activated by the input of fresh substrates (De Nobili et al. 2001). In this 
study, the addition of glucose, straw, fungal necromass or biochar, which represent soil organic 
matter of varying quality, increased microbial metabolic activity in both untrenched and 
trenched treatments, as reflected by increased total soil CO2 efflux in substrate-amended soils 
relative to control soils without substrates. The microbial switch from the dormant state to 
active state was rapid, occurring within a few hours (5h for glucose and 24h for straw, fungal 
necromass and biochar) of energy supply from the added substrate. It is also likely that 
decaying roots and ECM mycelia in trenched treatments may have served as C source that 
stimulated microbial activity within these soils. The activation of microbial activity following 
the input of fresh C increased the decomposition of organic matter. Although the addition of 
both readily available substrates and complex substrates increased total soil respiration, these 
increases were only significantly higher when compared to controls in soils amended with 
glucose from both untrenched and trenched treatments. This suggests that the magnitude of 
microbial metabolic activity is determined by the quantity and quality of the added substrate 
(Qiao et al. 2014; Liang et al. 2017). 
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The excess 13C in CO2 show that glucose, straw and fungal necromass were metabolised by 
microorganisms, with glucose being mineralized more than straw and fungal necromass in the 
first week of substrate additions. Biochar on the other hand was not decomposed in either 
untrenched or trenched treatments, due to its recalcitrance to microbial degradation. The rapid 
flush in CO2 derived from the decomposition of glucose in the first three days has also been 
previously reported (De Nobili et al. 2001; Blagodatskaya et al. 2011a; Garcia-Pausas & 
Paterson 2011). The rapid mineralization of glucose observed in the first few days of addition 
was likely mediated by the r-strategists, which are fast-growing microorganisms that are mainly 
stimulated by the presence of readily available substrates like glucose (Blagodatskaya et al. 
2009).  In contrast, the decomposition of complex C was likely mediated by the slow-growing 
K strategists (Fontaine et al. 2011), hence the gradual, persistent mineralization of fungal 
necromass and straw observed over the sampling period.  
Flux partitioning using isotopic composition shows that in addition to the added substrate, CO2 
originated from other sources (here referred to as soil-derived CO2). The magnitude and 
direction of PE calculated as the difference in the soil derived CO2 between substrate-amended 
and un-amended treatments was determined by the quality of the added substrate but not 
affected by the supply of assimilate C. For the period of 30 days after the addition of substrates, 
glucose and straw residues significantly resulted in a positive PE in both treatments, whereas 
there was no significant PE in soils amended with fungal necromass and biochar. The negative 
PE observed in untrenched treatment on the first sampling (5h) after glucose addition was likely 
due to the switch of microorganisms from utilizing complex SOM to the easily available 
glucose (preferential substrate utilization) (Cheng & Kuzyakov 2005; Kuzyakov & Bol 2006). 
This initial negative PE was not observed in trenched treatments likely due to reduced 
availability of C caused by the exclusion of root exudation. Therefore, microbial communities 
in trenched treatments were likely activated shortly after the addition of glucose, utilizing the 
added glucose as their primary C and energy source for growth and maintenance. In glucose-
amended soils, the availability of C and energy increased microbial activities, which in turn 
increased their demand for nutrients, and hence mobilize nutrients through the decomposition 
of SOM (microbial mining hypothesis, (Chen et al. 2014)).  
The dynamics and magnitude of the positive PE observed in soils amended with straw were 
similar in untrenched and trenched treatments indicating that straw residues had a similar effect 
on the microbial communities in both treatments. Here, priming was likely due to co-
metabolism, whereby straw activated soil microorganisms to produce extracellular enzymes 
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that co-mineralize the added straw and SOM. This process was likely mediated by microbial 
communities that are better adapted to decomposing polymerised substrates (K-strategists, 
(Fontaine et al. 2011). We did not observe any significant PE following the addition of fungal 
necromass and biochar in either un-trenched or trenched soils. This suggests a cost/benefit 
trade-off of enzyme production, whereby the energy required to produce enzymes for the 
decomposition of these compounds was greater than the energy acquired from the degradation 
of the substrates (Fontaine et al. 2007).   
Priming effects can either be from increased turnover of microbial biomass (apparent PE) or 
due to acceleration of SOM decomposition (real PE) (Blagodatskaya & Kuzyakov 2008). In 
this study, microbial biomass and their isotopic composition were not measured at each 
sampling time (Blagodatskaya et al. 2011a), to differentiate between real and apparent PE. 
However, using the dynamics of PE, quality and quantity of added substrate, we can make 
some inferences about the type of PE. It is likely that the PE observed in the first three days of 
glucose addition, a period of intensive glucose utilization was “apparent”, resulting from 
intensified microbial metabolism (Blagodatsky et al. 2010; Blagodatskaya et al. 2011a). As no 
short-term intensive substrate utilization was observed with the addition of complex, less 
available substrates, (straw, fungal necromass and biochar), we suggest that the PE observed 
was “real”, caused by extracellular enzymes produced during the decomposition of the complex 
substrates (Blagodatskaya & Kuzyakov 2008). However, it is possible that real PE also 
occurred in the first three days but their contribution to the total PE will probably be negligible 
(Blagodatskaya et al. 2011a).  
 
3.5.3 Rhizosphere effects 
In contrasts to our expectation, results showed that the presence of rhizosphere C input had no 
significant effect on the decomposition of substrates or native SOM. Previous studies have 
reported priming of SOM in the presence of the roots and their associated ECM (Subke et al. 
2011; Parker et al. 2017) or arbuscular mycorrhizal fungi (Zhu et al. 2014; Kumar et al. 2016). 
Similarly, in a recent study (Yin et al. 2018) reported that decomposition of SOM was higher 
by 26% to 146% in soils where trees were planted when compared to unplanted soils, with the 
tree species influencing the magnitude of the rhizosphere PE. The lack of rhizosphere effects 
may be due to the apparent increase in microbial activity stimulated by decomposing root 
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materials in the trenched treatments. This was also reflected in the absence of difference in the 
microbial biomass C observed between trenching treatments and among substrate treatments. 
 
3.6 Conclusion 
Our study demonstrates that the presence of labile C substrates promotes the microbial 
decomposition of SOM, shown by positive PE in glucose-amended soils. Although straw 
promoted the decomposition of SOM, fungal necromass and biochar did not significantly alter 
SOM decomposition, thus indicating that the priming effect is determined by the trade-offs 
between the cost of enzyme production and the availability of C resources. It is likely that when 
energy-rich C resources are available in adequate amounts, this will stimulate microbes to 
continuously explore the soil to mobilize nutrients from SOM. This may result in positive 
feedback interaction between increased rhizodeposition and litter production resulting from 
CO2 fertilization effect and the loss of soil C. Better understanding of this complex, plant-soil-
microbe interactions is required in order improve C flux models and accurately predict the 
potential effects of environmental changes on terrestrial C stocks.  
  
66 
Chapter 4 
Differential response of extracellular enzyme production to manipulation 
of rhizosphere carbon supply and contrasting SOM amendments    
 
4.1 Abstract 
Increased availability of carbon (C) caused by the input of plant residues or root exudations 
influences microbial activities and may accelerate or retard soil organic matter decomposition 
via the priming effect. The enzymes involved in the cycling of C, nitrogen (N) and 
phosphorus (P) would likely respond differently to the input of different organic materials, 
however this has not been well explored. We hypothesize that (a) the presence of readily 
available microbial substrate stimulates microbial enzyme activities to mobilize limited 
resources, but that (b) presence of less accessible substrates stimulates the production of 
enzymes involved in the degradation of complex organic molecules. We further hypothesize 
that these responses are enhanced in an intact rhizosphere due to the supply of assimilate C to 
microbes in the rhizosphere. Using forest soil mesocosms, we measured the activities of six 
extracellular enzymes in soils, which received a range of substrates in the presence of an 
intact rhizosphere or trenched soils. We found increased activities of C, N and P-degrading 
enzymes in the presence of glucose, especially when present in sufficient amounts. Similarly, 
less accessible substrates (straw and fungal necromass) increased activities of enzymes 
whereas no significant change in enzyme activities was observed in the presence of biochar. 
However, enzyme activities with or without substrates were not significantly promoted by 
rhizosphere C supply. Together, these results suggest that enzyme activity depends on the 
availability of C and microbial demand for limiting nutrients. 
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4.2 Introduction 
Carbon (C) enters soil through various pathways, for example, via rhizodeposition, leaf and 
root litter, or forest fires (Godbold et al. 2006; Wardle et al. 2008; Jones et al. 2009), to form 
the largest pool of C in terrestrial ecosystems (Schlesinger & Bernhardt 2013). The pool of C 
in soil organic matter (SOM) is mostly regulated by the inputs of C from primary 
productivity and C outputs through microbial decomposition of organic matter (Schimel & 
Weintraub 2003). Much of SOM exists in chemically complex forms that require the 
production of extracellular enzymes by heterotrophic soil microorganisms in order to 
metabolize complex SOM polymers into bio-available forms (Read & Perez-Moreno 2003).  
Increased availability of soil C can change microbial community size and structure resulting 
in acceleration or retardation of SOM decomposition via the so-called priming effect (PE) 
(Paterson, Midwood & Millard 2009; Kuzyakov 2010; Garcia-Pausas & Paterson 2011). 
Priming effects are strong short-term changes in the decomposition of SOM caused by 
moderate treatments of soils, such as the input of plant residues, fertilizers or root exudations 
(Kuzyakov et al. 2000). The magnitude and direction of PEs are dependent on the quality or 
quantity of organic substances (Chen et al. 2014; Liu et al. 2017; Shahbaz et al. 2017b), the 
structure and diversity of soil microbial communities (Brzostek et al. 2015), or soil variables 
such as the availability of nutrients and aggregate size (Dorodnikov et al. 2009; Tian et al. 
2015). In this study, we describe ‘availability’ of substrates based on the susceptibility of 
organic compound to enzymatic degradation as well as the amount of energy derived from 
the organic compound (Chen et al. 2014). Readily available substrates from root exudates or 
plant residues often induce a positive PE due to higher availability of energy, thereby 
enhancing microbial metabolic activities (Cheng & Kuzyakov 2005; Di Lonardo et al. 2017). 
Negative or no PEs have also been observed following the input of labile substrates due to the 
preferential microbial utilization of the added substrate, rather than complex SOM 
(Blagodatskaya et al. 2007). Complex organic materials such as plant residues, which are less 
available due to their polymerised chemical structure, can also induce a positive PE due to the 
dominance of microbial groups that are adapted to degrading complex compounds (Chen et 
al. 2014; Fang et al. 2018). This suggests that the mechanisms regulating the occurrence, 
direction and magnitude of PEs are more complex, involving interactions between the 
acquisition of energy and nutrients and the dynamics of soil microbial communities. 
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Metabolism of labile C stimulates microbial growth (microbial activation hypothesis), but 
may also increase SOM decomposition in order to meet demand for limiting nutrients (Cheng 
& Kuzyakov 2005). The succession and competition between soil microbial groups of r- or 
K- strategies have also been suggested as a mechanism for PEs (Fontaine et al. 2003), 
whereby both microbial groups are activated by the addition of substrates for example via 
rhizodeposition or leaf litter (Fontaine & Barot 2005). As labile C is exhausted, rapidly 
growing r-strategists become less competitive within the microbial community, which favour 
the dominance of slower-growing K-strategists that are able to produce enzymes for the 
degradation of complex organic compounds. Due to these complex dynamics driving PEs, 
there is a need to further understand the dynamics of SOM decomposition and the importance 
of induced enzyme activity (Chen et al. 2014).  
In temperate and boreal forests, roots are densely colonized by ectomycorrhizal (ECM) fungi, 
which receive a supply of C from their host in return for facilitating the transfer of nutrients 
to the roots (Smith & Read 2002). ECM fungi are able to produce a wide range of 
extracellular enzymes, which enables them to access nutrients from complex organic matter 
(Talbot et al. 2008). Although they receive their C from host plants, they may also act as 
saprotrophs, accessing C through SOM decomposition, and thus may contribute to the loss of 
soil C (Buée et al. 2007; Talbot et al. 2008; Lindahl & Tunlid 2015). Plants allocate a 
substantial amount of their assimilate C to their mycorrhizal partners (Hobbie 2006), which 
may enhance nutrient acquisition from SOM (Kaiser et al. 2010; Brzostek et al. 2013; Terrer 
et al. 2018). In contrast, the supply of assimilate C from host roots to mycorrhizal fungi may 
decrease SOM decomposition, as ECM fungi may induce or exacerbate nutrient limitation of 
free-living saprotrophs thereby retarding their growth and activities (Orwin et al. 2011; 
Averill et al. 2014; Averill & Hawkes 2016). 
Previous studies have attributed increases in soil respiration following the input of organic 
substrates (including rhizodeposition) to increased enzyme activity (e.g. (Zhu et al. 2014; 
Kumar et al. 2016; Yin et al. 2018; Jackson et al. 2019)). However, a better understanding of 
the responses of specific enzymes involved in the cycling of C, N, and P to the input of 
organic materials of varying microbial availability (Chen et al. 2014; Allison et al. 2014) is 
required to clarify the mechanisms of priming effects (Blagodatskaya & Kuzyakov 2008). 
Due to the metabolic and nutritive costs of enzyme synthesis, the activity of extracellular 
enzymes is dependent on microbial demand and the amount of resource derived from soil 
substrates (Schimel & Weintraub 2003; Blagodatskaya et al. 2014a; Allison et al. 2014). 
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However, there is thus far only limited information that explains the mechanisms of the 
priming effect of organic substrates that vary in chemical composition and microbial 
degradability on enzyme activities. 
This study aims to investigate the consequence of induced microbial enzyme production in 
response to the supply of assimilate C from plant roots, as well as additions of exogenous 
organic matter on old SOM. Specifically, we hypothesize that: (i) the addition of glucose 
enhances the activities of enzymes involved in the mobilization of limited resources; (ii) that 
more complex substrates (i.e. straw, fungal necromass and biochar) increase the production 
of enzymes specialised in the degradation of the complex substrates, and (iii) the supply of 
assimilate C from roots to the rhizosphere induces the production of extracellular enzymes 
involved in the degradation of organic matter to release nutrients (N and P) rather than C.  
 
4.3 Methods 
4.3.1 Experimental design 
This study involved the use of forest mesocosms designed in Chapter 2, with details provided 
in section 2.3.1 (Chapter 2, (Jackson et al. 2019)). Based on pilot soil respiration 
measurements in August 2017, mesocosms were assigned into five blocks in a randomized 
block design containing all treatments. One mesocosm was excluded due to the significantly 
greater soil respiration observed from the mesocosm during the pilot survey, resulting in four 
replicates of one of the treatments. 
 
4.3.2 Substrate preparation and application 
There were six substrate treatments: water control (hereafter, control), high glucose, low 
glucose, straw, fungal necromass and biochar. The isotopic compositions of these substrates 
were differed from the C3 forest soil (Table 4.1), thereby allowing for partitioning of CO2 
from the added substrate from other sources. These substrates were chosen to represent 
different constituents of organic matter present in forest soils with varying chemical structure 
and available C. Wheat straw (Triticum aestivum L.) was grown in a chamber enriched with 
10 atom% 13CO2, rinsed in deionised water four times, air-dried and ground into fine particles 
using a ball mill. Fungal necromass was obtained from mycelium of the ECM basidiomycete 
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Hebeloma crustuliniforme UP184. Cultures were grown on agar plates containing 1/10 
Modified Melin Norkans growth medium (MMN, Marx, 1969), where 1 g (rather than 10 g) 
of glucose was used in the recipe. Fungal biomass was propagated in 500 ml flasks 
containing 200 ml of modified MMN liquid growth medium, which in a pilot study was 
found to support the most rapid fungal growth.  In the modified MMN medium, 10 g of malt 
extract was used instead of 3 g. The fungal biomass was labelled by replacing 20% of 12C- 
glucose in medium composition with 99 atom% 13C- glucose (CK Isotopes, Leicester, UK). 
The flasks were incubated at 20 ᵒC until mycelia covered the surface of the medium (approx. 
30 days). After incubation, the mycelia were harvested from the media, rinsed with deionized 
water up to five times, air-dried and stored in a freezer at -4 ᵒC prior to use. Biochar, obtained 
from pyrolysis of Miscanthus spp (a C4 plant) biomass, was ground using a ball mill prior to 
use.  
Substrates were homogenised and thoroughly mixed into the top 2 cm of the soil within 
collars in their solid states at concentration of 2.5 g C (kg soil)-1 (volume = 157 cm3). This 
rate was similar to that used in previous studies on priming effect (Blagodatskaya et al., 2009; 
Chen et al., 2014). It is higher than soil microbial biomass C (see Fig. 5), and therefore 
expected to induce real priming effects which involves the decomposition of SOM rather 
than turnover of microbial biomass C (apparent priming effect, sensu Blagodatskaya and 
Kuzyakov, 2008). The only exception was the low glucose treatment, where glucose was 
applied at concentration of 0.5 gC kg-1 soil (i.e. 20% of the amount of C in other treatments), 
as priming has also been observed following the addition of readily available substrates at 
similar or even lower concentrations (Chen et al., 2014; Derrien et al., 2014; Tian et al., 
2015). Control treatments were also mixed although no substrate was added. The chemical 
properties of substrates used in the experiment are presented in Table 4.1. 
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Table 4.1 Carbon (C) and nitrogen (N) content, C:N ratio and δ13C expressed as ‰ relative 
to international standard Pee Dee Belemnite (PDB) of soil and substrates that were added to 
soils in the experiment. 
 Total C (%) Total N (%) C : N ratio δ13C (‰) 
Soil 5.06 0.31 15.85 -27.9 
Glucose 41.2 n.a. n.a. 5250 
Straw 41.9 0.75 55.7 9320 
Fungal 
necromass 
49.3 1.72 28.7 2070 
Biochar 68.1 0.22 307.2 -4.22 
 
 
4.3.3 Soil respiration and isotopic measurements 
Within each mesocosm, roots and hyphal networks were disrupted on 24th August 2017 by 
cutting through the entire depth of soil using a long knife, thus creating a treatment within the 
mesocosm that could not receive photosynthetic C from the birch trees. This “trenched” 
section (0.1 m2) occupied a third of the entire area of the mesocosm. Two PVC collars (10 cm 
diameter, 2 cm high) were inserted (< 1 cm deep) into the trenched and un-trenched 
treatments of each mesocosm, taking care not to cut through roots. Substrates were 
thoroughly mixed into the top 2 cm of soils within the collars within three hours of trenching. 
Due to rainfall prior to substrate addition, only 20 cm3 of water was added to each collar after 
addition of substrates, including no-substrate controls, avoiding saturation of soils. Soil 
respiration was measured from each collar after one and eight days of substrate addition and 
trenching by covering soils with cylindrical PVC gas flux chambers (15 cm diameter, 5 cm 
high), whilst ensuring a good seal between the soil and chamber. After 15 minutes of 
covering the soil, a gas sample (20 ml) was collected from each collar with a syringe through 
a septum in the chamber and injected under pressure into a previously evacuated Exetainer® 
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(12 ml; Labco Ltd, UK) for calculation of respiration rates and isotopic analysis. The amount 
of CO2 accumulated in the headspace over 15 minutes was determined using a gas 
chromatograph coupled to a flame ionization detector (Hewlett Packard 5890). The CO2 
concentration (in ppm) obtained was converted to mass unit according to the ideal gas law 
and CO2 efflux was presented as µmol m-2 s-1. Isotopic measurements for δ13C values of the 
gas samples were measured at the UC Davis Stable Isotope Facility (California, USA) using a 
ThermoScientific GasBench system interfaced to a Delta V Plus isotope ratio mass 
spectrometer (ThermoScientific, Bremen, Germany), with certified reference CO2 (NIST 
8545), analysed with every ten samples resulting in an analytical precision of ±0.1‰. δ13C (in 
‰) values are expressed relative to the international standard Vienna Pee Dee Belemnite. 
Soil CO2 efflux was corrected for ambient CO2 that was initially present in the chambers with 
isotopic mass balance approach, then partitioned into substrate-derived CO2 (CSub) and soil-
derived CO2 (CSoil) using a two-endmember mixing model: 
ܥ்ߜ் = ܥௌ௨௕ߜௌ௨௕ + ܥௌ௢௜௟ߜௌ௢௜௟   (4.1) 
Where CT, CSub and CSoil are the total CO2 flux, substrate-derived CO2 and soil-derived CO2 
respectively. δT ,  δSub and δSoil are the δ13C isotopic signatures in ‰ for the total CO2 flux, 
substrates and soil, respectively. Here, CO2 from both heterotrophic decomposition of SOM 
and rhizosphere respiration are considered as one isotopic pool (indicated by “soil”), and the 
suffix “substrate” represents glucose, straw, fungal necromass or biochar treatments. The 
fraction of substrate-derived CO2 in the total CO2 flux (fSub) was calculated as: 
ௌ݂௨௕ =
ఋ೅ିఋಿೄ
ఋೄೠ್ିఋಿೄ
    (4.2) 
1 = ௌ݂௨௕ + ௌ݂௢௜௟    (4.3) 
where δT, is δ13C obtained from CO2 samples collected from all soil collars after correction 
for atmospheric CO2. δNS is δ13C obtained from CO2 samples collected from control soils 
where no substrate was added, whereas δSub is δ13C of the labelled glucose, straw, fungal 
necromass or biochar. fSoil denotes the fraction of soil-derived CO2 (i.e. SOM and 
rhizosphere) in the total CO2 flux.  
The CO2 derived from substrates was then calculated as: 
ܥௌ௨௕ = ௌ݂௨௕ × ܥ்    (4.4) 
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and the standard error for the fraction of substrate flux (fSub) was calculated, accounting for 
variabilities in the δ13C of mixtures and sources (Phillips & Gregg 2001): 
ܵܧ( ௌ݂௨௕) = ටቀ
ଵ
ఋೄೠ್ିఋಿೄ
ቁ
ଶ
ൣߪଶఋ் + ௌ݂௨௕
ଶߪଶఋௌ௨௕ + (1 − ௌ݂௨௕)ଶߪଶఋேௌ൧ (4.5) 
where σ2 represents the square of the standard errors of the mean isotopic signatures for the 
component as indicated by the suffixes.  
Priming effects of the addition of substrates on soil C decomposition in both un-trenched and 
trenched treatments were calculated as the difference of CSoil between substrate-amended and 
control soils. 
ܲܧ(%) = ( ܥ ௔௠௘௡ௗ௘ௗ ௌ௢௜௟ − ܥ ேௌ ௌ௢௜௟)/ ܥ ேௌ ௌ௢௜௟ × 100  (4.6) 
where amendedCSoil is the soil-derived CO2 in soils amended with biochar, fungal necromass, 
straw or glucose for a given trenching treatment; and NSCSoil is the soil-derived CO2 in 
corresponding soils without substrate addition. 
The rhizosphere priming effect (RPE) on substrate decomposition was also calculated as the 
difference in CSub between untrenched and trenched mesocosms.  
ܴܲܧௌ௨௕(%) = ( ܥ ௨௡௧௥௘௡௖௛௘ ௌ௨௕ − ܥ ௧௥௘௡௖௛௘ௗ ௌ௨௕)/ ܥ ௧௥௘௡௖௛௘ௗ ௌ௨௕ × 100 (4.7) 
where untrenchedCSub is the substrate-derived CO2 in untrenched mesocosms, and trenchedCSub is 
the substrate-derived CO2 in trenched mesocosms without root input. 
 
4.3.4 Extracellular enzyme assays 
Soil samples were collected from each collar using a 1.5-cm diameter soil corer to a depth of 
4 cm on the same days as CO2 sampling. Two soil cores were collected from each collar and 
stored in zip-lock bags in a cooler box with ice packs, before being transported to the 
laboratory. Once in the laboratory, soil samples were stored at 4 ᵒC and analysed within 72 h 
of collection. Prior to soil analysis, roots were removed by hand picking, and samples were 
homogenised by hand. Soil moisture was determined gravimetrically from a subsample by 
drying at 60 ᵒC for 72 h.  
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Six enzymes involved in the decomposition of soil organic matter were assayed: β-
glucosidase (BG) involved in sugar degradation; cellubiohydrolase (CBH) for cellulose 
degradation; leucine aminopeptidase (LAP) for protein degradation; N-acetyl-β-
glucosaminidase (NAG) for chitin degradation; acid phosphatase (AP) for phosphorous 
mineralization; and laccase, which is involved with the degradation of aromatic compounds. 
These enzymes were further integrated into combined enzyme activities to represent proxies 
of resource acquisition. C-acquiring enzymes (BG + CBH) indicate the average enzyme 
activity of BG and CBH; and N-acquiring enzymes (NAG + LAP) indicate the average 
activity of NAG and LAP. With the exception of laccase, all enzyme assays were carried out 
fluorimetrically based on substrates containing either 4-methylumbelliferone (MU) or 7-
amino-4-methylcoumarin (AMC): MU-phosphate was used for the detection of AP; MU-β-
glucopyranoside for BG; MU-β-D-cellobioside for CBH; L-leucine-AMC for LAP; MU- N-
acetyl-β-glucosaminide for NAG. Laccase was assayed photometrically using 2,2’-azino-bis-
(3-ethylbenzothiazoline-6 sulfonic acid) (ABTS). All substrates were purchased from Sigma-
Aldrich (St Louis, MO, USA).  
Stock solutions of fluorogenic substrates (5 mM) were prepared in 2-methoxyethanol (Hoppe 
1983), diluted with sterile deionised water to the desired working concentrations, and further 
diluted with 50 mM Tris-maleate buffer (pH 4.5 or pH 6.5) to the desired incubation 
concentration according to (Pritsch et al. 2011). All solutions were stored in the dark at -20 
ᵒC. Stock solutions of calibration standards (10 mM) of MU and AMC were prepared in 2-
methoxyethanol and further diluted with sterile deionised water to concentrations of 0, 1, 2, 3, 
4 and 5 µM. Photometric assay substrate was prepared as 2 mM ABTS in 50 mM Tris-
maleate buffer pH 4.5 and further diluted with sterile deionised water for an incubation 
concentration of 667 µM. Calibration standards and ABTS solution were stored in the dark at 
4 ᵒC. Fluorometric and colorimetric assays were performed using the methods described by 
(Saiya-Cork, Sinsabaugh & Zak 2002; Pritsch et al. 2011).  
A soil suspension was prepared by homogenising 1 g of fresh soil with 100 ml of sterile 
deionised water for 5 min, and 200 µl of the homogenate was pipetted into the wells of a 
clear flat-bottom 96-well incubation microplate. For fluorometric assays, 50 µl of substrate 
(sample assay), buffer (sample control), or different concentrations of MU/AMC calibration 
standards (sample quench) were added to sample wells. In each plate, reference standard 
wells contained 200 µl Tris-maleate buffer and 50 µl MU/AMC standards, which acted as 
negative controls. There were eight replicate wells each for assay, control and quench and 
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reference standard. Depending on the enzyme assay, incubation plates were incubated in the 
dark at 21 ⁰C on a microplate shaker for 10 min (AP), 20 min (BG and NAG), 40 min (CBH), 
60 min (laccase) or 70 min (LAP) (Courty et al. 2005; Pritsch et al. 2011). Following 
incubation, fluorescence reactions were stopped by transferring 100 µl of the incubation 
solutions into black flat-bottom 96-well microplates (OptiPlate-96F, Perkin Elmer, USA) 
containing 100 µl 1M Tris pH 10-11 buffer. Fluorescence was measured immediately at 365 
nm excitation and 450 nm emission wavelengths with a microplate reader (Tecan infinite 
M200, Austria). For the laccase assay, 100 µl of the incubation solution was transferred to a 
flat bottom transparent microplate and absorbance was immediately measured at 425 nm in a 
microplate reader (Tecan infinite M200, Austria). Enzyme activities based on fluorogenic 
substrates were expressed as MU or AMC release in nmol h-1 g-1 after correcting for 
quenching and auto-fluorescence. Laccase activity expressed as nmol h-1 g-1 was derived 
using the extinction coefficient for ABTS (ԑ425 = 3.6 x 104 M-1 cm-1) and a path length of 
0.29 cm. 
 
4.3.5 Soil microbial biomass C  
Microbial biomass C (MBC) of soil samples was determined using the fumigation extraction 
method (Vance et al. 1987; Joergensen 1996). Fresh soil (5g) was weighed into two glass jars 
(20 ml). One jar was fumigated in a dessicator with ethanol-free chloroform (CHCl3) for 24 
h, whereas the other jar was not fumigated. Both fumigated and non-fumigated soils were 
extracted with 20 ml 0.5 M K2SO4, shaken at 300 rpm for 30 min and filtered (Fisherbrand 
QT210 filter papers). Total organic C (TOC) and total N (TN) in the extracts were 
determined using TOC – VCSN analyzer (Shimadzu Corporation, Kyoto, Japan). Soil MBC 
and MBN were calculated from the difference between fumigated and un-fumigated soils 
using extraction efficiency factors (kEC and kEN) of 0.45 and 0.54 respectively (Wu et al. 
1990).  
 
4.3.6 Statistical analysis 
Linear mixed effect models were used to test the effects of trenching, substrate additions, day 
of sampling and their interactions on soil characteristics such as enzyme activity, microbial 
biomass and total soil respiration separately. In the models, trenching, substrate and sampling 
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day were assigned as fixed effects, whereas blocks were assigned as a random effect using 
the lmer function in lme4 package. Response variables were log-transformed where data 
violated assumptions for linear models. Models were fitted using maximum likelihood and 
stepwise backward selection was used to select the best parsimonious model based on Akaike 
Information Criterion (AIC) (Pinheiro & Bates 2000). Post hoc Tukey test at a significant 
level of 0.05 was used to compare least mean squares of the interactions between trenching 
and substrate treatments for each sampling day using the glht function within the multcomp 
package (Hothorn et al. 2008). The relationship between soil respiration and microbial 
biomass, enzyme activities or C:N of soils collected at the last sampling point were analysed 
using Pearson-moment correlation test. All statistical analyses were performed using R studio 
v0.99.903 (R Core Team 2017). 
 
4.4 Results 
4.4.1 Soil respiration 
Soil moisture did not differ significantly different between trenched and untrenched 
treatments, which eliminates any confounding effect of soil moisture on respiration between 
these treatments. Overall, soil CO2 efflux differed between trenching treatments (P < 0.001), 
among substrates (P < 0.001) and with the day of sampling (P < 0.001) (Table 4.2). There 
was also a significant interaction between substrates and the day of sampling (P < 0.01). In 
control treatments, where no substrate was added, average soil respiration was 1.94 ± 0.33 
µmol m-2 s-1 and 2.59 ± 0.48 µmol m-2 s-1 from trenched and un-trenched mesocosms 
respectively. Soil respiration was not affected by substrate addition on day one (Fig. 4.1a), 
although soil respiration was higher in un-trenched soils than trenched soils amended with 
fungal necromass (Fig. 4.1a). By day eight, soil respiration was not only 24 % higher in un-
trenched mesocosms across all substrate treatments compared to trenched treatments (P < 
0.001), but had also increased by 50 % in both trenching treatments with high glucose inputs 
relative to controls with water (Fig. 4.1b). Irrespective of trenching, CO2 efflux was similar 
among soils amended with a low dose of glucose, straw, fungal necromass or biochar and 
with water (Fig 4.1b).  
Isotopic analysis showed that the addition of glucose in high doses resulted in a positive PE, 
which increased the decomposition of SOM by 44 % (P < 0.01) in trenched mesocosms and 
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28% (P < 0.1) in untrenched mesocosms (Fig 4.2a). Low glucose marginally reduced SOM 
decomposition by 19% (P = 0.1) in un-trenched mesocosms but had no significant effect on 
SOM decomposition in trenched mesocosms. The addition of straw, fungal necromass and 
biochar had no significant effect on the decomposition of SOM in either trenching treatment. 
The decomposition of straw and fungal necromass was reduced in the presence of 
rhizosphere C, whereas the decomposition of biochar and glucose (at either concentration) 
were not different in un-trenched and trenched treatments (Fig. 4.2b). Soil respiration was 
negatively correlated to TN of soil (Table 4.3). 
78 
Table 4.2 Effects of trenching, substrate addition, day and their interactions on the activities of β-1,4-N-acetylglucosaminidase (NAG), leucine 
aminopeptidase (LAP), β-1,4-glucosidase (BG), cellobiohydrolase (CBH), acid phosphatase (AP) and laccase. Values are F statistics (P value) 
of analysis of variance (ANOVA) tests following a mixed effect model with mesocosm nested within block as random factors.  
Factor (df) NAG LAP BG CBH AP LACCASE 
Trenching (1, 69) 1.14 (NS) 4.19 (*) 0.45 (NS) 0.64 (NS) 1.15 (NS) 0.00 (NS) 
Substrate (5, 23) 3.42 (*) 7.53 (***) 2.23 (§) 3.75 (*) 3.18 (*) 0.88 (NS) 
Day (1, 69) 3.8 (§) 4.95 (*) 6.87 (*) 0.96 (NS) 0.48 (NS) 1.87 (NS) 
Trenching x 
Substrate (5, 69) 
4.29 (**) 0.70 (NS) 0.30 (NS) 0.57 (NS) 0.64 (NS) 0.61 (NS) 
Trenching x Day 
(1, 69) 
0.15 (NS) 0.24 (NS) 0.30 (NS) 0.05 (NS) 0.01 (NS) 0.30 (NS) 
Substrate x Day 
(5, 69) 
1.02 (NS) 1.50 (NS) 2.84 (*) 1.45 (NS) 2.25 (§) 0.35 (NS) 
Trenching x 
Substrate x Day 
(5, 69) 
0.72 (NS) 0.32 (NS) 0.16 (NS) 0.18 (NS) 0.39 (NS) 0.37 (NS) 
P > 0.1 (NS), P < 0.1 (§), P < 0.05 (*), P < 0.01 (**) and P < 0.001 (***). Significant values (0.05) are in bold.  
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Figure 4.1 CO2 efflux from un-trenched and trenched soils one (a) and eight (b) days after trenching and the addition of water (control), low 
glucose, high glucose, straw, fungal necromass and biochar. Means (bars) and standard errors (whiskers) are shown for n = 5, except for high 
glucose where n = 4 as one mesocosm was excluded due to unusually high CO2 efflux. Different letters indicate significant differences among 
trenching and substrate treatments (P < 0.05). 
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Figure 4.2 Priming effect of (a) substrate addition on SOM decomposition in un-trenched 
(light grey bars) and trenched (dark grey bars) mesocosms; and (b) rhizosphere C supply on 
the decomposition of low glucose, high glucose, straw, fungal necromass and biochar.  Bars 
are means and standard errors (n = 5, except for high glucose where n = 4) of soil samples 
collected at the end of the sampling (eight days after substrate addition). 
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4.4.2 Enzyme activities 
There was a significant difference in LAP activity between un-trenched and trenched 
mesocosms (P < 0.05, Table 4.2). The activities of NAG, LAP, CBH and AP differed 
significantly among substrate treatments, however BG and laccase activities were similar 
among the different substrate treatments (Table 4.2). LAP activities were significantly higher 
on day eight than day one (P < 0.05), whereas BG activities were significantly higher on day 
one, compared to day eight (P < 0.05). There was a significant interaction between trenching 
and substrate treatments on the activity of NAG, which was significantly higher in the 
trenched mesocosms following the addition of straw. On the other hand, NAG activity did not 
differ between un-trenched and trenched mesocosms amended with glucose, fungal 
necromass or biochar (Fig. 4.3). There was also a significant interaction between substrate 
and day on BG activities. BG activities were significantly higher on day one than day eight in 
soils amended with high glucose and fungal necromass, whereas BG activity was 
significantly higher on day eight compared to day one in straw-amended soils (Fig. 4.4).  
The addition of glucose in small doses (0.5 mg g soil-1) only significantly increased AP 
activities in both trenching treatments eight days after its addition but had no significant 
effect on its activity on day one (Fig. 4.4). High glucose addition on the other hand, increased 
the activities of all enzymes except laccase in un-trenched and trenched soils one day after its 
addition, and NAG, BG and AP activities eight days after the addition (Fig. 4.4). Straw 
significantly increased the activities of NAG and LAP on day one in trenched and un-
trenched soils respectively. By day eight, NAG, LAP and AP activities were significantly 
higher in both trenched and un-trenched treatments than the respective controls, following the 
addition of straw. Fungal necromass significantly increased the activities of all enzymes 
except laccase in both trenching treatments shortly after its addition (Fig. 4.4). By day eight, 
CBH and LAP were significantly higher than the control in both un-trenched and trenched 
mesocosms but did not differ significantly on day one. There was no significant impact on 
enzyme activities following the addition of biochar. Overall, the activities of nutrient-
mobilizing enzymes (NAG and LAP or AP) were higher than that of C-mobilizing enzymes 
(BG and CBH or laccase).  
At the end of the sampling, the activities of LAP, NAG, AP, NAG + LAP were positively 
related to soil respiration (Table 4.3). BG was marginally correlated to soil respiration (P < 
0.1) whereas no correlation was found between respiration and laccase or CBH. All enzyme 
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activities correlated positively with each other, with the exception of laccase that was not 
significantly correlated to BG (Table 4.3). Soil respiration was also positive correlated to C:N 
ratio (P < 0.01). 
 
4.4.3 Microbial biomass C 
MBC in un-trenched treatments did not differ significantly from the trenched treatments 
when pooled across all substrate treatments. In addition, MBC on day one did not differ from 
day eight. However, the addition of glucose (high/low doses), straw or fungal necromass 
increased MBC across trenching treatments during this period, compared to controls (P < 
0.05; Fig. 4.5), whereas biochar addition had no significant effect on MBC. There was no 
significant interaction among factors (trenching, substrate, and sampling day). There was also 
no significant correlation between microbial biomass C and soil respiration at the end of 
sampling (Table 4.3). However, the activities of BG, CBH, LAP and laccase were positively 
related to MBC (Table 4.3).
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Figure 4.3 Activity of extracellular enzymes (a) N-acetyl glucosamindase (NAG), (b) leucine 
aminopetidase (LAP), (c) cellobiohydrolase (CBH), (d) β-glucosidase (BG), (e) acid 
phosphatase (AP) and (f) laccase and in un-trenched and trenched soils amended with water 
(control), low glucose, high glucose, straw, fungal necromass and biochar. Data are pooled 
means + 1SE (n = 5, except for high glucose where n = 4) for both sampling days. ** 
indicates significant difference (P < 0.01) between un-trenched and trenched for any 
particular substrate.  
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Figure 4.4 Change in activity of extracellular enzymes N-acetyl glucosamindase (NAG), β-glucosidase (BG), cellobiohydrolase (CBH), leucine 
aminopetidase (LAP), laccase and acid phosphatase (AP) in un-trenched and trenched soils after one (left panels) and eight (right panels) days of 
amendment with low glucose, high glucose, straw, fungal necromass and biochar, compared to water (control). Data are means of 5 replicates 
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(except for high glucose where n = 4). Vertical bars are ±1SE of means. Significant effects of substrate amendment on enzyme activities are 
denoted by * (P < 0.05), ** (P < 0.01) and *** (P < 0.001)
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Table 4.3 Pearson correlation coefficients of extracellular enzymes β-glucosidase (BG), cellobiohydrolase (CBH), N-acetyl glucosamindase 
(NAG), leucine aminopetidase (LAP), laccase and acid phosphatase (AP), C-acquiring enzymes (BG+CBH), N-acquiring enzymes 
(NAG+LAP), microbial biomass C (MBC), C:N ratio and soil respiration of soil samples at the end of incubation.  
 CBH NAG LAP AP Laccase BG + 
CBH 
NAG + 
LAP 
MBC C:N 
ratio 
Soil 
respiration 
BG 0.56*** 0.58*** 0.56*** 0.46*** 0.28 0.99*** 0.66*** 0.32* 0.14 0.24 
CBH  0.49*** 0.61*** 0.30* 0.53*** 0.65*** 0.59*** 0.38** 0.18 0.14 
NAG   0.47*** 0.28* 0.31* 0.60*** 0.95*** 0.12 0.06 0.26* 
LAP    0.26* 0.42*** 0.60*** 0.72*** 0.38** 0.22 0.38** 
AP     0.39* 0.46*** 0.32* 0.24 0.14 0.36** 
Laccase      0.32* 0.42** 0.31** -0.02 0.21 
BG + CBH       0.69*** 0.34* 0.15 0.24 
NAG + LAP        0.23 0.11 0.33* 
MBC         0.32* 0.18 
C:N ratio          0.35** 
*** P < 0.001; ** P < 0.01; * P < 0.05 
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Figure 4.5 Soil microbial biomass C of un-trenched and trenched soils amended with water (control), low glucose, high glucose, straw, fungal 
necromass and biochar after one and eight days of trenching and substrate addition. Values are mean ± 1 SE (n = 5, except for glucose where n = 
4). Different letters indicate significant differences among trenching and substrate treatments (P < 0.05). 
  
Control
Low 
glucose
High 
glucose Straw
Fungal 
necromass Biochar
0
200
400
600
800
1000
1200
Day 1
ab
a
ab
ab
b
b
ab
ab
ab
ab
ab
ab
Control
Low 
glucose
High 
glucose Straw
Fungal 
necromass Biochar
 Day 8
M
ic
ro
bi
al
 b
io
m
as
s 
C
 µ
g
gs
oi
l1

Un-trenched
Trenched
a
a
a
a
a
a
a
a
a
a
a
a
88 
 
4.5 Discussion 
Our results show differential effects of substrates and rhizosphere C supply on microbial 
metabolism measured as extracellular enzyme activity and microbial biomass. The increases 
in activity of extracellular enzymes and microbial biomass following the addition of 
substrates to soils supports our hypotheses that the availability of C will promote enzyme 
activities. Secondly, the activities of enzymes involved in the mobilization of N and P were 
higher than the activities of C degrading enzymes, thus providing supporting evidence for 
microbial nutrient mining as the likely mechanism behind the increased soil respiration in the 
presence of rhizosphere C input and substrate additions (Craine et al. 2007). However, 
contrary to our hypothesis, assimilate C supply to the rhizosphere did not promote 
decomposition of organic substrates. 
 
4.5.1 Effects of substrates 
The substrates added in this study can be classified based on their susceptibility to microbial 
uptake and enzyme degradation into simple (glucose) and complex (straw, fungal necromass 
and biochar). Increases in enzyme activities indicate that the addition of both simple and 
complex substrates stimulated microbial activities, which produced enzymes based on 
microbial demand and the availability of C and nutrients for enzyme production (Schimel & 
Weintraub 2003; Allison & Vitousek 2005). 
The addition of glucose rapidly increased the activities of BG and CBH that are involved in 
the acquisition of C. CBH and BG hydrolyse the β-1,4 glucosidic bonds in cellulose, with BG 
involved in terminal conversion of cellobiose to glucose (Courty et al. 2007). Increases in the 
activities of CBH and BG despite the addition of readily available C suggests that microbial 
community were C limited (Hernández & Hobbie 2010; Tian & Shi 2014). The activity of 
BG can be triggered by the input of a wide range of substrates including glucose and plant 
residues (Hernández & Hobbie 2010; Tian & Shi 2014; Wang et al. 2016a); however, the 
activities of these cellulases (BG and CBH) in this study were likely due to microbial demand 
for C (Schimel & Weintraub 2003). The addition of glucose, especially when available in 
high amounts, alleviated microbial C limitation of enzyme production, thereby allowing 
microorganisms to produce cellulases in order to meet their C demands and high growth rate 
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of microbial biomass through the decomposition of less available, complex organic matter. A 
low dose of glucose however, was not sufficient to meet the C demands for the production of 
all enzymes after eight days after its addition, hence the declines in enzyme activity (Fig. 
4.4).  
Laccase, an oxidative enzyme typically associated with plants and fungi for catalysing the 
degradation of lignin and other aromatic compounds such as phenols (Baldrian 2006; 
Sinsabaugh 2010), was not significantly induced by addition of all substrates (Fig. 4.4).. 
Lignin is an energy-poor, biochemically recalcitrant substrate (Talbot & Treseder 2012; Tian 
& Shi 2014), thus laccase is often produced when microbial activity is C limited to optimize 
C mobilization (Courty et al. 2007; Lindahl et al. 2010). We speculate that laccase was not 
expressed following the addition of substrates in trenched or un-trenched treatments due to 
the availability of C either as root exudates or substrates or both. It is also possible that other 
oxidative enzymes (e.g. phenol peroxidase), which were not measured in this study were 
expressed instead of laccase that we measured.  
Demands for nutrients increases with higher microbial activities induced by the availability of 
C hence the investment into biochemical machinery to mobilize more nutrients (Allison et al. 
2014). In addition to the increased activities of C-mobilizing enzymes in un-trenched or 
trenched mesocosms following the addition of glucose relative to the respective controls, 
other enzymes that were involved in the release of nutrients were also produced. The 
activities of LAP and NAG that are involved in the acquisition of N from proteins and chitin 
respectively, increased with the addition of glucose. This suggests rapid uptake and 
immobilization of N in biomass as a result of increased microbial activities following the 
input of labile C (Blagodatskaya & Kuzyakov 2008). The activity of AP that mineralizes 
phosphates from phospholipids and phosphosaccharides to acquire phosphorus (P) 
(Sinsabaugh & Shah 2011), was increased by the addition of high glucose on both days (Fig 
4.4). Increases in AP activity were also observed following the addition of low glucose, 
fungal necromass and straw on either day one or day eight, thereby suggesting that 
production of AP is strongly determined by the availability of both C and N.  
Higher enzyme activities observed in response to glucose addition might also be due to 
glucose effects on microbial community dynamics rather than enzyme activities directly. For 
example, fast growing r-strategists, which are better adapted to the utilization of energy-rich 
compounds, may have responded rapidly to the addition of glucose especially in high doses. 
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Thus, resulting in higher turnover of microbial biomass complemented by an increasing 
demand of nutrients such as N and P. Higher enzyme activities observed shortly after the 
addition of glucose suggests the dominance of r-strategists that utilized the simple substrate 
for the growth and production of extracellular enzymes released into the soil (Fontaine et al. 
2003). Enzyme activities observed eight days after glucose additions were likely produced by 
K-strategists that grow slowly compared to r-strategists but better adapted to the degradation 
of more recalcitrant SOM (Blagodatskaya et al. 2009).  
Straw and fungal necromass that are less readily available for microbial uptake, requiring the 
action of enzymes for degradation, also stimulated microbial activities in these forest 
mesocosms. Concurrent with the effect of glucose that increased both C and nutrient-
acquiring enzymes, higher C and nutrient acquisition in the presence of complex substrates 
indicates increasing demand for these elements (C, N and P), with increasing microbial 
activities induced by the addition of the substrates (Kuzyakov 2010). However, unlike 
glucose that stimulated higher microbial activities shortly after its addition than eight days 
later, the addition of straw stimulated greater enzyme activities on day eight indicating the 
dominance of slow-growing K-strategists. The lack of significant change in enzyme activities 
following the addition of biochar indicates that the cost of resource acquisition from biochar 
was most likely greater than the acquired resources, hence microbes down-regulate 
investment in the production of enzymes (Schimel & Weintraub 2003; Allison et al. 2014). 
The absence of changes in the activities of some enzymes in the presence of biochar could 
also be as a result of sorption of DOC to biochar particles, thereby making it inaccessible for 
degradation (Zimmerman 2010; Zimmerman et al. 2011; DeCiucies et al. 2018).  
These findings suggest that enzyme activity in soils depended on microbial elemental demand 
and the quality of substrates, which is in line with stoichiometric theory (Sinsabaugh et al. 
2013). Although extracellular enzymes are stimulated by the presence of complex organic 
materials, microbial enzyme production was also stimulated in the presence of glucose that is 
readily available for microbial utilization. Others have also reported increased production of 
enzymes in the presence of labile C substrates  (Allison & Vitousek 2005; Hernández & 
Hobbie 2010). Microbes regulated their production of extracellular enzymes, to optimize the 
decomposition of substrates and/or SOM to meet their demand for nutrients (Mooshammer et 
al. 2014).  
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The increases in microbial biomass following the addition of substrates confirms the 
microbial activation hypothesis (Cheng & Kuzyakov 2005). Increases in MBC and activities 
of extracellular enzymes by these activated microbes did not significantly increase soil CO2 
efflux except in soils amended with high amounts of glucose (Fig. 4.1). Although total soil 
CO2 efflux did not significantly differ from the control, positive priming of SOM 
decomposition was observed in trenched mesocosms following the input of straw. This 
positive PE was likely due to co-metabolism of SOM during intensive straw degradation 
(Kuzyakov et al. 2000; Shahbaz et al. 2017b), whereby the enzymes produced may have 
resulted in the decomposition of SOM fractions with similar chemical structures (Shahbaz et 
al. 2017b). On the other hand, increased enzyme activities in un-trenched and trenched 
mesocosms following the addition of fungal necromass, low amounts of glucose and straw 
(un-trenched mesocosm only), with corresponding negative priming of SOM suggests 
preferential utilization of the added substrates versus SOM (Kuzyakov 2002; Cheng & 
Kuzyakov 2005). Microbial biomass was not affected by the addition of biochar, but SOM 
decomposition was reduced in both trenching treatments eight days after the addition of 
biochar; likely due to the sorption of DOC to biochar particles (DeCiucies et al. 2018). Other 
studies have also observed reductions in soil CO2 emissions and SOM decomposition in the 
presence of biochar (Kuzyakov et al. 2009; Wang et al. 2016b; a). Further, the positive 
correlation between soil respiration and C:N ratio (Table 4.2) corroborates the stoichiometric 
theory that higher C mineralization occurs at high C:N ratio and vice versa (Mooshammer et 
al. 2014; Wild et al. 2017).  
 
4.5.2 Effects of rhizosphere C supply 
Plant roots supply an important source of labile C to soil microbes, enabling the formation of 
microbial communities (Lindahl et al. 2010), of which ectomycorrhizal fungi are a significant 
fraction in temperate forests (Read & Perez-Moreno 2003). No effect of plant C input to the 
rhizosphere on microbial activities (measured as enzyme production and microbial biomass) 
was evident in this study, although studies have reported increased microbial biomass and 
enzyme activities in the presence of plant C input compared to un-planted soils (Kumar et al. 
2016; Loeppmann et al. 2016). Eliminating belowground assimilate C supply did not reduce 
enzyme activities in the trenched mesocosms in most substrate treatments. However, 
trenching resulted in decreases in soil CO2 efflux ranging from 10% to 33% across all 
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treatments, confirming a general decline in rhizo-microbial respiration. Furthermore, 
rhizosphere C supply either reduced or did not significantly affect the decomposition of 
substrates.  
Enzyme activities did not differ between un-trenched and trenched soils regardless of 
substrate addition, with the exception of NAG that was significantly higher in trenched soils 
of straw-amended mesocosms (Fig. 4.3). The experimental design in this study does not 
allow us to make conclusions as to the influence of ECM fungi on enzyme activity because 
ECM fungi was not distinctly isolated from roots in the treatments. However, we speculate 
that a switch to saprotrophy by ECM fungi in trenched soils may have been responsible for 
the similarities in enzyme activity after trenching, accessing C from the metabolism of low 
molecular weight compounds (Talbot et al. 2008). ECM fungi may invest in enzymes 
involved in the mobilization of C from SOM when supplies of assimilate C from host is low 
(Buée et al. 2005, 2007; Courty et al. 2007).  
Since extracellular enzymes were measured from soil suspensions, enzyme activity is 
characteristic of both free-living saprotrophs and ECM fungi. N-acquiring enzyme 
(LAP+NAG) activity was marginally higher in un-trenched soils than trenched soils (P = 
0.08) during the sampling period, which may explain the increase in soil respiration in the 
presence of fungal necromass. Increased NAG activity in trenched soils may indicate 
dominance of saprophytic fungi, which utilized the added straw as C source for the 
production of enzymes to mine N (Meier et al. 2015). Severing belowground C supply likely 
reduced the activities of ECM fungi (Högberg & Högberg 2002; Högberg, Högberg & 
Myrold 2006; Kaiser et al. 2010), which enhances N acquisition of free-living fungi. The 
decline in ECM fungal biomass or available C supply to ECM fungi may have reduced 
mycorrhizal competition in trenched soils, thereby increasing the biomass of free-living 
saprotrophs and their enzyme activities (Lindahl et al. 2010). Furthermore, the dead 
mycorrhizal necromass in trenched mesocosms probably acted as substrate for opportunistic 
saprotrophs, thus the significant increase in NAG activity in the presence of complex forms 
of C compared to un-trenched soils.  
Put together, our result showing increased NAG activity in the absence of rhizosphere C to 
ECM fungi suggests that decomposition and uptake of N by ECM fungi may cause N 
limitation to free-living saprotrophs, hence retarding the decomposition of SOM (Orwin et al. 
2011; Averill & Finzi 2011; Averill et al. 2014; Averill & Hawkes 2016). Although enzyme 
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activities and soil respiration were mostly similar in un-trenched and trenched soils, further 
longer-term study, where ECM fungi and root effects are separated, is required to assess the 
role of ECM fungi competition in soil enzyme and organic matter dynamics.  
 
4.5.3 Interactions between enzyme activities and soil respiration 
The activities of LAP, NAG, LAP+NAG and AP were significantly positively correlated with 
soil respiration eight days after trenching and substrate additions, whereas C degrading 
enzymes (BG, CBH and laccase) showed no correlation with soil respiration (Table 4.3). This 
provides additional evidence that the input of labile C stimulates enzymes that target SOM 
polymers to mobilize limiting nutrients particularly N and P. Higher decomposition of SOM 
in the presence of plant roots (rhizosphere) and/or input of labile C through the priming effect 
have been widely reported (Pausch et al. 2013; Cheng et al. 2014; Kumar et al. 2016; 
Shahbaz et al. 2017b). One mechanism proposed is the stimulation of microbial activity by 
the presence of labile C, leading to co-metabolism of less available substrates due to 
microbial N mining (Blagodatskaya & Kuzyakov 2008). The significant positive correlation 
between soil respiration and LAP, NAG, LAP + NAG and AP indicates that soil respiration is 
strongly linked to the mobilization of N and P (microbial nutrient-mining) and therefore may 
be related to positive priming effects (Chen et al. 2014; Shahbaz et al. 2017b). Due to the 
short sampling period, a fraction of the increase in soil respiration might have been due to 
accelerated microbial biomass C turnover (i.e. apparent priming) rather than accelerated 
SOM decomposition (i.e. real priming) (Blagodatskaya & Kuzyakov 2008). Nevertheless, the 
addition of organic materials to these forest mesocosms stimulated nutrient mining by 
increasing the production of enzymes involved in N and P acquisition.  
 
4.6 Conclusion 
We demonstrate that increased availability of labile C from rhizodeposition and substrates or 
their decomposition products to forest soils stimulates the activity of enzymes related to C 
and nutrient cycling, and thereby influences decomposition of SOM. Low substrate C 
availability on the other hand may limit microbial investment in enzyme production, resulting 
in reduced decomposition of the substrate or SOM. The positive relationship between N and 
P-acquiring enzymes and soil respiration suggests microbial nutrient mining as a driver of 
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priming effects. This will have a long-term effect on soil C sequestration under future climate 
predictions, where elevated atmospheric CO2 concentrations may enhance plant productivity 
that will in turn increase rhizodeposition and litter inputs into soils. Future long-term studies 
integrating enzyme activities with microbial community characterization will provide further 
insights into the role of ECM fungi in the decomposition of SOM in forest ecosystems. 
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Chapter 5 
Biotic environment controls litter decomposition in temperate forests 
 
5.1 Abstract 
Plant litter is the primary route by which carbon (C) enters the soil, and its decomposition 
determines the sequestration potential of soil. Climate, chemistry of the litter, and the 
physicochemical properties and decomposer community of the soil environment, where the 
decomposition takes place all determine litter decomposition rates. There are significant 
uncertainties about the role of roots and ECM fungi on decomposition rates, which can 
influence the dynamics of C and nutrient cycling in soils (Strickland et al. 2009b; Ball, 
Carrillo & Molina 2014).  Using a beech (Fagus sylvatica) forest, we investigated if mass 
loss of broadleaved, beech litter increased in the presence of roots and/or ectomycorrhizal 
(ECM) fungi; and found that litter mass loss was not different among soils with or without 
roots and ECM fungi. This suggests that ECM fungi had no significant effect on the 
decomposition of fresh litter, and that litter decomposition in this forest was likely dominated 
by free-living saprotrophs. 
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5.2 Introduction 
Litter decomposition in forest soil is a major ecosystem process that determines the 
sequestration of carbon (C) in soils, as well the cycling of C and nutrients within these 
ecosystems (Prescott 2010; Schlesinger et al. 2013; Bradford et al. 2016).  Litter 
decomposition determines the formation of soil organic matter (SOM), which is formed 
through the incomplete decomposition and modification of plant residues by soil organisms 
(Cotrufo et al. 2015). Litter decomposition is also a key component of soil CO2 efflux, as C 
contained in litter is released back to the atmosphere as CO2. Soil CO2 efflux comprises of 
respiration of roots and their associated rhizosphere microbes (autotrophic respiration), and 
the decomposition of dead organic matter in soil (heterotrophic respiration). Increased 
atmospheric CO2 will likely increase plant productivity through the ‘fertilization effect’ 
(Norby et al. 2005), which may increase the allocation of C belowground, and stimulate 
microbial decomposition, hence creating a positive feedback to the climate change. The 
impending concerns about climate change caused by increasing atmospheric CO2 
concentrations therefore highlights the need for a better understanding of the decomposition 
processes, especially in temperate and boreal forests soils that store the majority of global 
terrestrial C (Pan et al. 2011).  
Litter decomposition rates are controlled by both abiotic conditions (such as microclimate 
and soil physicochemical properties) and biotic factors that determine the quality and quantity 
of litter, as well as decomposer community composition (Gholz et al. 2000; Zhang et al. 
2008; Prescott 2010). In a meta-analytical study of litter bag incubations across different 
terrestrial ecosystems, Zhang et al. (2008) demonstrated that litter quality was the key factor 
influencing mass loss accounting for at least 73% of the variation in litter decomposition rates 
globally. For example, high quality litter, with high concentrations of nitrogen (N), low C:N 
ratio and low concentration of chemically recalcitrant constituents often decompose faster 
than low quality litter, with low concentrations of N and high recalcitrant fractions (Gholz et 
al. 2000; Zhang et al. 2008). Decomposer communities (microbes and mesofauna) mediate 
litter decomposition, and therefore contribute to some of the variations in decomposition rates 
(Moorhead & Sinsabaugh 2006; Wall et al. 2008; Bray, Kitajima & Mack 2012). There is 
also increasing recognition of the role of plants in the decomposition of litter (Cornwell et al. 
2008; Joly et al. 2017). Although the interactions between plant and soil microbial 
communities have been shown to influence decomposition rates (Kuzyakov 2010; Subke et 
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al. 2011), a better understanding of these interactions that therefore improve our predictions 
of litter decomposition under environmental change.  
Plants may directly affect the abiotic and biotic environment, with feedbacks to C and N 
cycling in terrestrial ecosystems (Hobbie 1996, 2015; Vivanco & Austin 2008; Freschet et al. 
2012; Churchland & Grayston 2014; Blagodatskaya et al. 2014b). Plant species can 
determine the quality and quantity of litter that enters the soil, soil nutrient contents, pH or 
microbial communities (Cornwell et al. 2008; Parker et al. 2018). For example, studies have 
shown that deciduous broadleaf litters decompose faster than evergreen coniferous litter 
(Gholz et al. 2000; Prescott et al. 2000), but this can be dependent on the interaction between 
litter type and the decomposer environment (Freschet et al. 2012; Keiser et al. 2014). The 
input of labile C in form of root exudates and other rhizodeposits that microbes can utilize as 
C source has increasingly been reported to influence SOM decomposition through the 
rhizosphere priming effect (RPE) (Cheng et al. 2014). Rhizosphere priming effect is defined 
as the stimulation or retardation of soil organic matter decomposition by living roots and their 
associated microorganisms when compared to unplanted soils exposed to the same 
environmental conditions (Kuzyakov 2002). Studies have demonstrated positive priming of 
SOM decomposition, following the input of assimilate C to the roots (Kuzyakov 2010; 
Pausch et al. 2013; Cheng et al. 2014). The priming effects of three tree species (larch, ash 
and Chinese fir) were shown to increase SOM decomposition, ranging from 26% to 1.5-fold 
(Yin et al. 2018). Increased decomposition of SOM can be accompanied by increased litter 
decomposition (Subke et al. 2004, 2011). Although the priming effect of the rhizosphere on 
soil CO2 efflux has been extensively studied (Cheng et al. 2014), there remain uncertainties 
about the potential role of roots and ECM fungi on actual litter mass loss, which determines 
the formation of SOM (Cotrufo et al. 2015). 
Plants may also influence microbial communities and ecosystem processes through their 
mycorrhizal fungal association (Courty et al. 2010; Buée et al. 2011). In most temperate and 
boreal forests, tree roots form symbiotic associations with ectomycorrhizal (ECM) fungi, 
which receive a significant allocation of assimilate C from their plant host and in return 
transfer nutrients to the host roots (Smith & Read 2002; Hobbie 2006). ECM fungi constitute 
more than half of the fungal species in temperate forest and have been reported to be 
negatively related to N mineralization (Buée et al. 2011). That is, as N availability increases, 
ECM fungal abundance decreases. This suggests that in low-nutrient ecosystems (e.g. 
temperate forests), the abundance of ECM fungi may stimulate the decomposition of litter to 
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mobilize nutrients (Subke et al. 2011; Brzostek et al. 2015; Trap et al. 2017). However, lower 
decomposition rates of litter have been reported in the presence of ECM (Gadgil effect, 
Gadgil and Gadgil (1971, 1975)). The input of C through root exudation and the supply of 
assimilate C to their symbiotic mycorrhizae and other rhizosphere microbes may therefore 
play a major role in litter decomposition.   
The presence of plants may result in positive or negative or no effect on priming of 
heterotrophic decomposition, which has been shown in both mesocosms and in the field 
(Cheng et al. 2014; Huo et al. 2017; Jackson et al. 2019). However, the role of mycorrhizal 
fungi in the transfer of fresh C from roots to the rhizosphere is poorly understood, therefore 
more studies are required to further partition ‘rhizosphere’ effect on soil priming. This study 
uses a forest trenching experiment to separate the effects of root, ECM fungi and soil 
microbes on heterotrophic decomposition. We hypothesize that the presence of root and/or 
ECM fungi promotes litter mass loss in a temperate forest soil. 
 
5.3 Methods 
5.3.1 Site description 
The forest site is a beech (Fagus sylvatica L) stand with sparse stinging nettle (Urtica dioica) 
as ground flora, located in Stirling, Scotland, United Kingdom (56⁰08′ N, 3⁰54′ W). The 10-
year mean annual precipitation and temperature of the site are 1019 mm and 9.2 ⁰C 
respectively (UK Met Office 2017). The physical and chemical characteristics of the site are 
presented in Table 5.1.  
 
5.3.2 Experimental set-up 
Five experimental blocks were established in the forest by identifying five additional tree 
stands in May 2016 (see Chapter 3). Each block contained three collar treatments that 
allowed or excluded ECM hyphal in-growth and/or roots (five blocks, three collar 
treatments). The RMS treatment (root, mycorrhizal hyphae and heterotrophic soil organisms) 
was created using shallow PVC collars (20 cm diameter, 5 cm height) inserted 1 cm into the 
soil. The MS treatment which excludes the roots but allow the access of mycorrhizal hyphae 
was created using collars (20 cm diameter, 30 cm height) with four windows (width 6 cm, 
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height 4 cm) cut 5 cm from the top of the collar and covered with 41 µm mesh size (Normesh 
Ltd, Oldham, UK). The heterotrophic treatment (S) was created using “deep” collars (20 cm 
diameter, 45 cm height) to exclude both roots and mycorrhizal components. On 2nd July 
2016, five “deep” collars were hammered into the soil in F. sylvatica stands to a depth of 30 
± 2 cm beyond the rooting system using a bread knife to cut through heavy roots. The MS 
collars were also inserted to a depth of 25 ± 2 cm by hammering down deep collars which 
were then carefully removed and replaced by the MS collars. The surface collars were 
inserted to a depth of 1 -2 cm to ensure a good seal with the soil without disturbing the soil 
significantly. All collars were placed at least 1 m apart, and between 0.5 m and 2 m from the 
nearest tree.  
 
5.3.3 Litter bag incubations 
Litter from F. sylvatica stands was collected in April 2016, washed to remove soil particles 
and air-dried for several weeks. Care was taken to ensure that only recently fallen F. sylvatica 
litter was used by sorting and removing senesced litter. Litter bags (9 cm x 9 cm) were 
created using mesh with 0.3 mm aperture size, which were sealed at two sides using hot melt 
adhesive. 1 g of dried beech litter was added to each litterbag along with a 9 mm embossing 
tape (Dymo, Cambridgeshire, UK) containing the sample bag label and sealed using hot melt 
adhesive.  
During installation on the 22nd July 2016, all surface litter was removed from the collars, and 
three litterbags were placed in each collar, ensuring that bags were in contact with the soil. To 
ensure that similar dry mass of litter fall was replaced in the collars after litterbag 
installations, surface litter were randomly collected from three locations of each site on the 
2nd of July 2016, prior to litter bag installation using a 0.5 m quadrat. After removing soil 
particles and drying the litter, the average dry mass of litter fall per unit area was calculated. 
Based on the calculation, 14.8 g of beech litter were moistened and placed in each collar after 
the insertion of litter bags. One bag from each of the collars in each collar was immediately 
harvested after installation, taken to the laboratory where litter was carefully extracted and 
oven-dried at 60 ⁰C for 72 hours. The average mass loss of litter calculated from harvested 
bags was used to correct for the effects of packaging, transit and installation. Litterbags were 
harvested on 22nd September 2016, 8th December 2016, 18th April 2017, 25th May 2017 and 
25th September 2017. Two litter bags were collected from each collar on 25th May 2017. 
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Ingrown vegetation was carefully removed, and the litter was removed from the bags, oven-
dried at 60 ⁰C for 72 hours, and the percentage of the remaining litter was calculated. 
 
Table 5.1 Physico-chemical characteristics of Fagus sylvatica (means ± 1SE, n = 5). C and N 
denote carbon and nitrogen respectively.  
Soil  
pH (1:2.5 H2O) 5.51 ± 0.06 
Texture Loamy sand 
Microbial biomass C (µg gsoil-1) 492 ± 15.1 
Total C (%) 4.53 ± 0.26 
Total N (%) 0.40 ± 0.03 
C:N ratio 11.4 ± 0.51 
Litter  
C (%) 44.4 ± 0.15 
N (%) 1.07 ± 0.10 
C:N ratio 42.9 ± 3.40 
 
 
5.3.4 Chemical analysis 
Litter collected at the first and last samplings were analysed for total organic C (TOC), total 
C (TC) and total N (TN) contents using a CHN analyser (Flash Smart, ThermoFisher 
Scientific, Bremen, Germany). Soil samples were collected from all collars up to a depth of 5 
cm after collecting all litter bags from the collars. The soils were stored in sealed plastic bags 
at 4 °C until analysis. Soil pH was measured in 1:2.5 soil-water mixtures. Microbial biomass 
was determined using the chloroform fumigation extraction method (Vance et al. 1987). 
Briefly, 5 g of field moist soil was passed through a 2-mm sieve and weighed into two 20 ml 
jars. One sample was sealed in a vacuum desiccator containing alcohol-free chloroform for 
24 h while the other was not fumigated with chloroform. All samples were extracted with 20 
ml 0.5 M K2SO4, shaken at 300 rpm for 30 min and filtered (Fisherbrand QT210 filter paper, 
Fisher Scientific, UK). The filtrate was analysed for TOC using a TOC – VCSN analyzer 
(Shimadzu Corporation, Kyoto, Japan). Soil microbial biomass C was calculated as the 
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difference between fumigated and unfumigated samples using a kec factor of 0.45 (Wu et al. 
1990). 
 
5.3.5 Soil CO2 efflux measurements  
Soil CO2 efflux was measured using a custom-built chamber (15 cm diameter, volume = 
2,300 cm3) connected to a portable EGM-4 infrared gas analyser (PP Systems, Amesbury, 
MA, USA). CO2 efflux was measured as the linear rise in CO2 concentration within the 
headspace over a period of two minutes.  
 
5.3.6 Environmental parameters 
Soil temperature was measured at 5 cm depth every 30 minutes using three Tinytag Plus Two 
logger with PB-5001 thermistor probe (Gemini Data Loggers, Chichester, UK). Soil 
temperature was also measured at 5 and 10 cm depths with a hand-held temperature probe on 
days when soil respiration was measured. Soil moisture was measured using an SM150 
moisture sensor after soil respiration measurements were taken on sampling days (Delta-T 
devices, Cambridge, England).  
 
5.3.7 Data analysis 
The initial litter dry mass for each litter bag was corrected for mass loss during transit and 
installation, using correction factors, obtained from litter bags collected immediately after 
installations. Litter mass loss was calculated as the percentage mass remaining of the initial 
litter dry mass: 
 % ݉ܽݏݏ ݎ݁݉ܽ݅݊݅݊݃ =  ௙௜௡௔௟ ௗ௥௬ ௠௔௦௦ ௢௙ ௟௜௧௧௘௥ ௔௙௧௘௥ ௜௡௖௨௕௔௧௜௢௡ (௚)
௜௡௜௧௜௔௟ ௗ௥௬ ௠௔௦௦ ௢௙ ௟௜௧௧௘௥ ௔௙௧௘௥ ௖௢௥௥௘௖௧௜௢௡ (௚) 
 × 100  (5.1) 
The decomposition constant (k) was calculated using the equation below: 
݉ଵ =  ݉଴݁ି௞௧     (5.2) 
where m1 and m0 are remaining and initial dry mass of litter after installation.  
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The effect of the presence of roots and/or mycorrhizal fungi on litter mass loss and soil 
respiration was tested using one-way ANOVA following a mixed effect model with treatment 
as fixed effect and block and time were assigned as random variable using the lmer function 
in lme4 package. The contributions of root, ectomycorrhizal fungi and soil heterotrophic 
respiration were calculated as described by (Heinemeyer et al. 2007). Where the assumptions 
of normality and homogeneity of variance were violated, response data were log-transformed. 
Mass of C and N after 430 days of placements in the field (final harvest) was analysed using 
one-way ANOVA to test for differences among RMS, MS and S treatments. All analyses 
were done with R Studio v1.0.143 (R Core Team 2017). 
 
5.4 Results 
5.4.1 Litter mass loss 
In this beech forest, there was no significant difference in the decomposition of beech litter 
with or without the presence of roots and/or mycorrhizae hyphae (P = 0.14, Fig. 5.1). About 
78% of the beech litter remained after 430 days of decomposition in the field, with an 
average decay constant (k) of 0.2 year-1 (Fig. 5.1). There was an initial, rapid mass loss of 
litter within the first two months of litter installations, which was followed by a gradual loss 
of litter (Fig. 5.2). 
 
5.4.2 C and N components of litter 
The mass of C was significantly lower in the litter, upon harvesting after 430 days of 
incubation (P < 0.01, one-way ANOVA), but did not differ significantly among treatments (P 
> 0.05) (Fig. 5.3). Remaining mass of N in the litter did not differ upon harvesting when 
compared to the initial mass, and also did not differ significantly among the treatments (P > 
0.05) (Fig. 5.3). Tukey post hoc test showed that final litter N was marginally higher in MS 
than RMS (P = 0.1).  
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Figure 5.1 Decomposition rate (k) of beech litter in RMS, MS and S collars of Fagus 
sylvatica forest collected over five sampling times. Bars are mean ± 1SE (n = 30).  
 
5.4.3 CO2 efflux 
CO2 efflux in RMS treatments was significantly greater than both MS (Tukey post hoc, P < 
0.05) and S treatment (Tukey post hoc, P < 0.001). MS was also greater than S treatment (P < 
0.001). Average soil CO2 efflux measured for the sampling period from RMS collars was 
2.31 ± 0.11, µmol m-2 s-1, 1.92 ± 0.18 µmol m-2 s-1 in MS collars and 1.20 ± 0.13 µmol m-2 s-1 
in S collars (Fig. 5.4a). The average proportional contribution of root to soil CO2 efflux was 
~17%, calculated as the difference between RMS and MS treatments, relative to RMS. 
Ectomycorrhizal hyphae contributed c. 31% to soil CO2 efflux, whereas heterotrophic 
respiration contributed c. 52%. 
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Figure 5.2 Percentage mass remaining of litter over time from 22nd July 2016 to 25th 
September 2017 when the last litter bags were collected from each collar. Two litter bags 
were collected on 25th May 2017. Error bars represent ± 1 SE (n = 5). 
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Figure 5.3 Mass of carbon and nitrogen in Fagus sylvatica litter after 430 days of 
decomposition (filled bars) compared with undecomposed control samples (open bars). Error 
bars are ±1 SE (n = 5). The final mass of C was lower than the initial mass (P < 0.01). Final 
N in litter did not differ from initial N (P > 0.05). Remaining C and N in litter were not 
significantly different among RMS, MS and S treatments (P > 0.05). Final N was marginally 
higher in MS than RMS (P = 0.1, Tukey HSD post-hoc tests). 
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Figure 5.4 Soil CO2 efflux and environmental conditions over time.  Soil CO2 efflux (a), soil temperature (b) and soil moisture content at 5 cm 
depth (c) in RMS, MS and S treatments of Fagus sylvatica forest. Values are means of five blocks ± 1 SE. CO2 efflux was significantly higher in 
RMS than MS (P < 0.05) and S (P < 0.001) treatments. MS was significantly higher than S (P < 0.001). Soil temperature and moisture did not 
differ among treatments (P > 0.05).   
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5.5 Discussion 
Belowground C allocation to the rhizosphere influences soil processes including litter 
decomposition in forest ecosystems. In contrast to our hypothesis, we did not observe a 
stimulatory effect of assimilate C supply to the rhizosphere on the mass loss of litter in the 
beech forest. The rate of decomposition of beech litter was similar in soils with or without 
roots and ECM hyphae. However, we observed that soil CO2 efflux was greater in the 
presence of roots and their associated ECM fungi when compared to soils where roots or 
hyphae was excluded. This indicates that ECM fungi contribute a significant fraction of the 
total soil respiration.  
The dynamics of litter decomposition has been characterised by an initial rapid 
decomposition, which is followed by slow decomposition (Berg 2014). The sharp loss of 
litter observed in all treatments shortly after instalments of litter bags is consistent with the 
dynamics of litter decomposition. During the early stages of decomposition, rapid mass loss 
occurs due to leaching of soluble organic components, including simple sugars from the litter, 
which may be accompanied by increases in the concentration of nutrients, particularly N and 
P (Berg 2014). The rapid loss of litter was followed by mass loss at a reduced rate, when the 
degradation of more complex compounds such as hemicellulose and lignin that are not easily 
degraded by microbes occurs (Swift et al. 1979). 
In contrast to the Priming effect (Kuzyakov et al. 2000), the presence of roots and ECM fungi 
did not accelerate or retard the decomposition of beech litter. In a recent study, Trap et al. 
(2017) found that the presence of mature beech trees that were heavily colonized by ECM 
increased litter mass loss. Likewise, in a girdling study, greater mass loss of hemlock needles 
was observed in girdled plots, relative to non-girdled plots (Subke et al. 2011). In contrast to 
these findings, (Gadgil & Gadgil 1971, 1975) reported that the competition between ECM 
fungi and other saprotrophs resulted in the suppression of pine needle decomposition in the 
presence of plants colonized by ECM fungi. Our findings suggest that ECM fungi had no 
significant influence on the decomposition of leaf litter in this beech forest as saprotrophic 
fungi, which are not dependent on assimilate C supply for energy dominated the 
decomposition of leaf litter. In a recent study, Otsing et al. (2018) used molecular and 
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bioinformatic techniques to assess the microbial community composition of leaf and root 
litters, and they reported that saprotrophic fungi dominated the decomposition of both litter 
types. Spatial separation of litter decomposition between saprotrophic and ECM fungi has 
been reported, whereby saprotrophic fungi dominate the decomposition of fresh surface litter 
while ECM fungi and bacteria dominate during the latter stages of decomposition in deeper 
horizons with low quality substrates (Lindahl et al. 2007). 
Our findings for C and N dynamics during litter decomposition agree with previous reports of 
C and N dynamics of litter decomposition in temperate and boreal forests (Moore et al. 2005, 
2011; Preston et al. 2009). Loss of C occurred in all treatments after decomposition, although 
C in the remaining litter after 430 days of incubation did not differ among RMS, MS and S 
treatments. This is concurrent with the lack of differences in the remaining mass of beech 
litter among the treatments. N in litter, on the other hand did not differ after mass loss of 
beech litter. Long-term studies have shown that litter N increases during the early stages of 
decomposition and N releases occurs only after c. 40% mass loss (Moore et al. 2006; Parton 
et al. 2007). Litter quality is an important factor that influences the decomposition rates of 
litter (Aerts 1997; Cornwell et al. 2008; Zhang et al. 2008). Litter recalcitrance of F. 
sylvatica might be responsible for the lack of difference in its decomposition rates between 
treatments. Beech litter are characterised by low N content, high C:N and lignin:N ratios are 
generally regarded to be of low quality, and decompose at slow rates (Moore et al. 2006; 
Trap et al. 2017). Consistent with our findings, the soils with highly colonized ECM plant 
roots did not affect beech litter decomposition rates compared to plants with roots with low 
colonization (Trap et al. 2017). It is likely that the large fractions of recalcitrant fractions in 
the litter reduced the investment of resources by microbes on enzyme production required to 
degrade the energy poor beech litter. Further study is therefore required to investigate the 
interaction between the quality of litter and the ECM fungi-root associations.  
Our study supports others that indicate that ECM fungi contribute a substantial fraction to 
forest soil respiration (Heinemeyer et al. 2007; Vallack et al. 2011). Autotrophic respiration 
(root  + ECM fungi) constituted c. 48% of the total soil respiration that is within the range 
reported by Subke et al. (2006). Recently, Subke et al. (2018) estimated that ECM fungi 
contributed about 15% of the soil respiration in a pine forest. The ECM fungi contribution of 
~31% highlights the importance of these symbiotic fungi in forest ecosystems. It is therefore 
important to understand mycorrhizal-C dynamics and their responses to environmental 
variations. Though the results of this study showed no difference in the rate of litter mass loss 
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among the treatments, this may not be consistent for SOM decomposition therefore there is a 
need for further study.  
 
5.6 Conclusion 
This study did not provide evidence for the stimulation or suppression of litter decomposition 
by roots and ECM. However, this study demonstrates that ECM fungi contribute 
approximately a third of total soil respiration. Changes in plant allocation to ECM fungi due 
to global changes such as increased temperature and elevated CO2 will likely influence the 
cycling of C and nutrients between the soil and atmosphere, which may result in positive 
feedback to the global change. This study underlines the need for a mechanistic 
understanding of the role of ECM fungi in the decomposition of both fresh litter and old 
SOM.  This will aid better predictions of the impacts of changing environmental conditions 
such as climate and land use change on soil C sequestration in temperate forests.  
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Chapter 6 
General Discussion 
Atmospheric CO2 concentrations have risen at an unprecedented rate since the start of the 
industrial era, mainly from combustion of fossil fuels and land use change, resulting in 
climate change (Ciais et al. 2013). Forests play a major role in climate change by acting as 
carbon (C) sinks, removing large amount of CO2 from the atmosphere and storing them in the 
vegetation and soils, which could potentially mitigate climate change (Pan et al. 2011). 
Carbon enters soils in different forms such as root exudates, microbial and plant residues to 
form soil organic matter (SOM) through incomplete decomposition (Cotrufo et al. 2015). 
Roots of temperate and boreal forests form symbiotic associations with ectomycorrhizal 
(ECM) fungi and allocate a significant fraction of their photo-assimilate C belowground to 
enhance nutrient uptake. Carbon inputs to the rhizosphere may interact with soil organic 
matter constituents and have significant impacts on forest soil C stocks. It is therefore 
important to investigate how plant-soil interactions drive SOM decomposition dynamics in 
forest soils. Here, we present the priming effect of belowground C allocation on the 
decomposition of different soil organic C constituents. We also examine the effects of fresh C 
input on microbial activities and SOM dynamics. The interactions between substrate quality 
and the rhizosphere were also assessed.  
 
6.1 The influence of belowground assimilate C supply on C cycling 
It is crucial to understand the extent to which roots mediate decomposition to predict 
ecosystem responses to global changes. The potential influence of roots on soil C dynamics 
in the context of rhizosphere priming effects (RPEs) occurs when the presence of roots 
retards, accelerates or has no effect on the decomposition of SOM (Cheng et al. 2014; Huo et 
al. 2017). A recent synthesis of RPE studies found that roots enhanced soil C decomposition 
by an average of 59% across all studies (Huo et al. 2017), with the direction and magnitude 
of RPE determined by plant variables such as root exudation, root litter input and mycorrhizal 
associations.  
In this thesis, shading and trenching were used to alter the supply of assimilate C to the 
rhizosphere. This allowed the investigation of the influence of belowground allocation of 
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photo-assimilate C on the decomposition of native SOM and that of substrates of ecological 
significance. Shading and trenching led to reductions in soil CO2 efflux, in line with the 
results from previous studies (Sayer & Tanner 2010; Díaz-Pinés et al. 2010; Comstedt et al. 
2011; Hasselquist et al. 2016; Savage et al. 2018). These reductions were caused by altered 
or decreased rhizosphere respiration rates following shading or trenching, indicating a strong 
coupling between aboveground assimilation and respiration (Gavrichkova & Kuzyakov 
2017). Soil CO2 efflux was reduced by about 67% in mesocosms following shading (Chapter 
2) but was reduced by only 31% by trenching in the field study (Chapter 3). This discrepancy 
is likely due to size of the mesocosm and differences in the rooting densities. In a trenching 
study, Yan et al. (2015) observed that autotrophic respiration reduced significantly with stand 
age along a poplar chronosequence due to decrease in live fine root biomass observed in 
older stands. Although trenching may result in an underestimation of autotrophic respiration 
due to the contribution of decaying dead roots in trenched soils, this was likely not the case in 
the thesis as the additional CO2 from decaying roots was accounted for using exponential 
decay constant. On the other hand, roots use their carbohydrate reserves for maintenance 
respiration after alteration of assimilate C supply, resulting in underestimation of autotrophic 
respiration (Aubrey & Teskey 2018). As the availability of root reserves is dependent on the 
age of the plant (Bahn et al. 2006), it is likely that the reserves were rapidly exhausted in the 
young trees (3 years old) used in the mesocosm study but was used to maintain autotrophic 
respiration in the older beech forest. 
The reduced CO2 efflux observed after shading or trenching indicates that the supply of 
assimilate C was effectively severed from roots and their associated rhizosphere 
microorganisms. However, in contrast to our expectation that the rhizosphere C input will 
significantly promote C mineralization, the studies presented in this thesis found no 
significant difference in the decomposition of 13C-labelled glucose, straw, fungal necromass 
or biochar with or without the rhizosphere C supply (Chapter 2 & 3). Furthermore, litter mass 
loss did not differ among root, mycorrhizal fungi and soil (RMS), mycorrhizal fungi and soil 
(MS) and soil only (S) treatments (Chapter 5), and no effect of plant C input to the 
rhizosphere on microbial activities measured as microbial biomass and enzyme production 
was observed, with the exception of N-acetyl-β-glucosamindase (NAG) activity that was 
significantly greater in the absence of plant belowground C supply (Chapter 4). Our findings 
are contrary to the finding of a girdling study (Subke et al. 2011), where litter mass loss was 
higher in control than girdled plots. Although the acceleration of litter decomposition by 
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rhizosphere C input has been well documented, other studies have also suggested that the 
presence of roots retard decomposition due to ECM fungi competing with free living 
saprotrophs for available nutrients (Orwin et al. 2011; Averill & Hawkes 2016).  
Plants form symbiotic associations with ectomycorrhizal fungi that produce a wide range of 
extracellular enzymes to acquire nutrients from soils. The absence of the effect of plant C 
supply on enzyme activities and thus litter and SOM decomposition suggests that roots do not 
affect soil C dynamics by simply increasing C availability in general, but instead may affect 
soil C dynamics through their association with mycorrhizal fungi. Many studies that have 
reported positive rhizosphere priming effects when comparing decomposition in the presence 
of plants roots and root-free (un-planted) soils (Zhu et al. 2014; Shahzad et al. 2015; Kumar 
et al. 2016; Yin et al. 2018). In this thesis however, our experiments did not exclude ECM 
fungi, and hence roots and ECM fungi were present in both treatments where decomposition 
rates were being compared. Our findings are similar to those from a girdling study where 
severing belowground C allocation did not significantly alter the decomposition of oak litter 
in ECM fungi dominated soils, whereas decomposition of sugar maple litter was increased in 
AM dominated soils (Brzostek et al. 2015). Although, ECM fungi derive their C primarily 
from host roots they may also access C to support their metabolism from the decomposition 
of SOM in a similar manner to free-living saprotrophs (Rineau et al. 2012; Phillips et al. 
2014). This facultative saprotrophism enables ECM fungi to survive in the absence of C 
supply from host plant by producing extracellular enzymes involved in the acquisition of C 
(Buée et al. 2005, 2007; Courty et al. 2007). It is therefore plausible that in the absence of 
assimilate C supply in shaded or trenched treatments, ECM fungi decomposed the added 
substrates to meet their C demands (‘Plan B’ hypothesis, (Talbot et al. 2008)). Given that the 
availability of C may increase due to global change through CO2 fertilization, our findings 
reiterate the need to better understand the role of ECM fungi in the storage and turnover of 
soil C to predict the C sequestration capacity of ECM dominated forests.  
Although plant C supply had no significant effect on the decomposition of added 13C labelled 
substrates, higher decomposition of SOM was observed with or without root inputs (Chapters 
2 & 3). This promoting influence of C input from roots on soil CO2 efflux was likely a result 
of microbial nutrient mining. Owing to limited availability of nutrients in these forest soils, 
the addition of C-rich substrates increased microbial activities that further exacerbated 
nutrient limitation of microbial communities, hence increased decomposition of SOM to 
mobilize the required nutrients.  
114 
The study presented in Chapter 4 shows that SOM decomposition increased significantly in 
trenched soils amended with glucose in high doses, however the PE was not significant in the 
un-trenched soils. Furthermore, the activity of NAG was significantly higher in trenched soils 
than un-trenched soils following the addition of straw. These results may indicate the 
dominance of free-living saprotrophic fungi in trenched soils, which were activated by the 
addition of substrates. Plants and microorganisms require nearly the same nutrients for their 
maintenance, growth and reproduction (Schimel & Weintraub 2003), and plants therefore 
compete directly with free-living saprotrophs for N through their mycorrhizal partners 
(Gadgil & Gadgil 1975; Lindahl et al. 2010). ECM fungi derive energy from their host plants 
to produce extracellular enzymes that can depolymerize complex nutrient-rich substrates to 
meet their nutrient demands and that of their host root. In so doing, they remove nutrients 
from the system, exacerbating the nutrient limitations of free-living saprotrophs and reducing 
decomposition rates (Orwin et al. 2011; Averill & Finzi 2011; Averill & Hawkes 2016). 
Severing C supply to ECM fungi through trenching likely reduced the competitive advantage 
of ECM fungi for nutrients, thereby increasing the dominance of saprophytic fungi and the 
production of enzymes that degrade SOM to acquire nutrients.  
The results of Chapter 4 contrast with those of Chapters 2 & 3 where there were no 
differences in SOM decomposition in soils with or without root input. These contrasting 
results may be due to the short experimental duration of Chapter 4 (eight days) versus thirty 
days in Chapters 2 & 3. In the presence of an intact rhizosphere, the addition of glucose likely 
stimulated microorganisms to switch from decomposing complex SOM to utilizing the easily 
available glucose as their C and energy source (preferential substrate utilization, (Kuzyakov 
and Bol 2006)). In the absence of assimilate C supply on the other hand, the availability of 
easily available C from added glucose stimulated microbial activities, which in turn increased 
nutrient demand, hence the release of enzymes that decompose SOM to release the nutrients 
contained therein (microbial mining; Chen et al. 2014)). It is likely that as the easily available 
C is gradually exhausted, microbial activities will reduce to the baseline level observed in un-
amended soils and the decomposition of SOM will reduce as observed in Chapters 2 and 3. In 
a recent meta-analysis, experimental duration (i.e. days after planting) was found to be the 
most influential factor affecting the magnitude and direction of RPEs, accounting for about 
23% of the variations in RPE studies (Huo et al. 2017). They observed that RPEs 
significantly increased as the experimental duration increased.  
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6.2 The effect of substrate quality on decomposition 
The rate of decomposition is believed to be primarily controlled by climate and quality of the 
organic substrate (Zhang et al. 2008; Prescott 2010). The quality of the substrate can be 
classified based on their chemical composition and molecular structure that determines its 
susceptibility to microbial uptake and enzymatic degradation. The N content, C:N ratio and 
the concentrations of recalcitrant fractions such as lignin, phenolics and tannins can be used 
as indicators of substrate quality. In this thesis, the added substrates were classified based on 
their structural complexities into simple and complex substrates, where glucose that is soluble 
and readily available for microbial utilization is referred to as a simple substrate whereas 
straw residues, fungal necromass and biochar that are composed of polymerized C molecules 
that require enzymatic degradation are regarded as complex substrates.  
The results of Chapter 2 and 3 showed that glucose was rapidly utilized by soil microbes, as 
indicated by the increases in δ13C of soils in the first seven days of glucose addition, after 
which glucose-derived CO2 declined (see Figs 2.2A, B & 3.3). It is likely that the rapid 
respiration of glucose was a result of the activation of fast-growing r-strategists (Fontaine et 
al. 2003). Complex substrates on the other hand, likely stimulated the activities of slow-
growing K-strategists that are better adapted to poorly degradable substrates by producing 
enzymes of higher substrate affinity (Fontaine et al. 2003; Blagodatskaya et al. 2009). This 
was reflected in the slower response, but persistent 13C-labelled efflux observed following the 
addition of straw, fungal necromass and biochar.  
The addition of complex substrates – straw, biochar and fungal necromass – into soils of un-
shaded trees resulted in significantly stronger PEs over the 30-day sampling period than the 
addition of glucose in the mesocosm study in Chapter 2. This contrasts with our expectation 
that structurally simple, labile substrates will induce greater priming of SOM decomposition 
than structurally complex substrates. As decomposition of complex substrates requires the 
actions of extracellular enzymes, it is likely that the input of complex substrates stimulated 
the activities of K-strategist microorganisms (Fontaine et al. 2003; Blagodatskaya & 
Kuzyakov 2008). K-strategists produce enzymes of greater substrate affinity (Blagodatskaya 
et al. 2009; Loeppmann et al. 2016), which may lead to co-metabolism of similar compounds 
contained in SOM. The C acquired by microorganisms from the decomposition of the 
complex substrates may also be utilized as energy source to mine for nutrients contained in 
SOM. This was supported by the results in Chapter 4, where the activities of leucine 
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aminopeptidase (LAP) and NAG that mobilize N increased, along with β-glucosidase (BG) 
that hydrolyses the glucosidic bonds in cellulose following the addition of straw and fungal 
necromass (see Fig. 4.4).  
The input of glucose in sufficient amounts significantly increased SOM decomposition by 
44% in trenched soils and 28% in un-trenched soils after eight days of its addition, however 
low glucose input or complex substrates had no significant effect on SOM decomposition, 
after eight days of addition in the mesocosm experiment in Chapter 4. Again, the difference 
in the duration of the experiments may be responsible for the discrepancy in the effect of 
substrate quality between these two mesocosm studies. As complex substrates likely shifted 
the microbial community towards K-strategists, the lack of significant PE with complex 
substrates addition in the short-term study was likely due to the slow growth rate of 
microorganisms (Blagodatskaya et al. 2009; Chen et al. 2014). These differences in 
experimental durations may also explain the lack of a significant effect of the quality of the 
added C (using stoichiometric differences or polymeric structure complexity) on PE in a 
meta-analytical study of 171 experiments (Luo et al. 2016).  
Similar to the results from Chapter 4, the field trenching study in Chapter 3 showed the 
promoting effect of glucose input on SOM decomposition, as significantly higher PEs were 
observed in the presence of glucose compared to fungal necromass and biochar, whereas 
straw resulted in a similar PE to glucose. However, results from Chapter 2 did not 
demonstrate this promoting effect of glucose input on SOM decomposition. The difference in 
the effects of substrate quality on SOM decomposition between the field and mesocosm 
studies over the 30-d sampling period suggests an interaction between substrate quality and 
soil characteristics. In addition to the quality and quantity of substrate added, soil properties 
(such as C and N contents and microbial communities) and plant characteristics influence the 
magnitude and direction of PE (Chen et al. 2014; Wang et al. 2015b; Qiao et al. 2016; Xu et 
al. 2018). Since N content were the same between the forest soils, the response of SOM 
decomposition to substrate addition can be attributed to other factors such as SOC content 
and microbial biomass and community structure.  
It is plausible that the differences between the results of the mesocosm study in Chapter 2 
where positive PE was not observed in the presence of glucose compared to the field study in 
Chapter 3, may be attributed to differences in the soil C and N availabilities. Soils with high 
C:N ratios could provide more C substrates to microorganisms, thereby increasing the 
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resources available for enzyme production (Manzoni et al. 2012; Sinsabaugh et al. 2013). 
Alternatively, microorganisms could preferentially utilize C-rich substrates to alleviate 
energy deficiency of enzyme production, when C resources are limited. Therefore, it is 
plausible that the release of assimilate C supply in the un-shaded treatments and the greater 
SOC content (5.6%) of the mesocosm soils resulted in an abundance of C resources to 
produce enzymes to degrade complex substrates, which led to the co-metabolism of SOM. 
Moreover, the high C:N ratios of the added substrates likely exacerbated nutrient limitation of 
microbes, leading to the mining of nutrient from SOM (Fontaine et al. 2011; Chen et al. 
2014). On the other hand, the addition of glucose into field soils (Chapter 3) may have 
alleviated C limitation resulting from the low SOC content (4.5%), thereby resulting in the 
slight increase in SOM decomposition. Our findings are similar to those of Xu et al. (2018) 
who investigated the influence of initial SOM content on plant litter turnover, and observed 
faster decomposition of plant litter soils in soils with higher C:N ratios.  
The results of Chapter 4 demonstrate that glucose, when available in sufficient amount, 
increased the decomposition of SOM by stimulating the synthesis of all five measured 
hydrolytic enzymes (see Fig 4.4). Likewise, straw and fungal necromass significantly 
increased the activities of all hydrolytic enzymes. However, biochar addition had no 
significant effect on any of the hydrolytic or oxidative enzymes. Labile C substrates, such as 
glucose can be utilized for growth and enzyme production by most microorganisms 
(Schneckenberger et al. 2008). Several studies have reported positive, negative or no priming 
of SOM in the presence of glucose (Blagodatskaya et al. 2007, 2009, 2011b; Garcia-Pausas 
& Paterson 2011). Preferential utilization of the added glucose rather than SOM may result in 
negative PE when C and nutrients are abundant in soils. In low-nutrient soils, the addition of 
labile C may increase the release of nutrients from SOM through decomposition (Fontaine et 
al. 2011). Glucose is the sugar most often released in rhizodeposits (Derrien et al. 2004), and 
the decomposition product of most natural polymers in soils (Kuzyakov 2010); this implies 
that the release of glucose into forest soils either during decomposition or as rhizodeposits 
may lead to loss of soil C as demonstrated by increased enzyme activities and SOM 
decomposition in the studies in this thesis. 
Despite their polymeric structural complexity, we found in Chapters 2 and 3 that the input of 
straw and fungal necromass increased SOM decomposition by stimulating synthesis of 
extracellular enzymes. Straw is mainly composed of cellulose, which is the most common 
polysaccharide found in soils (Kuzyakov 2010). This is consistent with the other findings that 
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observed positive PE following the addition of straw residues or cellulose (Blagodatskaya et 
al. 2009, 2014a; Chen et al. 2014; Shahbaz, Kuzyakov & Heitkamp 2017a). Liang et al. 
(2017) reported stronger increases in fungal PLFAs than bacterial PLFAs in soils amended 
with maize straw, thereby supporting our suggestion that the decomposition of SOM 
following the addition of complex substrate was mediated by K-strategists. This group of 
microorganisms have higher substrate affinity thereby their activity remains stable for a 
longer period of time (Blagodatskaya et al. 2009; Loeppmann et al. 2016), as indicated by the 
persistent emission of substrate-derived CO2 accompanied by SOM decomposition during the 
30-day sampling period.  In agroecosystems, straw application has been considered to be 
beneficial as it been found to promote soil C sequestration, increase N content and improve 
soil physical properties (Liang et al. 2018).  
Fungal necromass, obtained in Chapter 2 – 4 of this study from dead ECM fungal extraradical 
mycelium, is a major component of mycorrhizal fungal symbiosis and a large resource of C 
that enters into soils, thereby contributing to the formation of SOM (Godbold et al. 2006; 
Drigo et al. 2012). Despite their ecological importance, the growth and turnover of ECM 
fungi is poorly quantified. The greater recalcitrance of chitin in fungal necromass compared 
to cellulose in plant residues has been used as an explanation for the accumulation of 
microbial residues and its role in the formation of SOM (Godbold et al. 2006). However, 
another study suggested that fungal chitin is not recalcitrant, as they observed higher 
decomposiiton of fungal chitin than other fungal tissues (Fernandez et al. 2016). The 
stimulation of microbial activities by the input of fungal necromass in Chapter 2 and 4 of this 
thesis may be attributed to (I) the rapid utilization of the labile fractions of the substrate by 
free living saprotrophs (Drigo et al. 2012) and (II) microbial mining of the N contained 
within necromass in order to alleviate N limitation. Fungal necromass may therfore act as a 
resource of both labile and recalcitrant C that promotes the decomposition of old SOM and 
also contributes to the formation of new SOM (Drigo et al. 2012). Further work is therefore 
needed to determine the C balance between the loss of old SOM and the formation of new 
SOM following the addition of fungal necromass.  
Biochar was found to induce a positive PE despite little/no decomposition of the added 
biochar (Chapter 2). However, it had no significant effect on any of the hydrolytic or 
oxidative enzymes measured in Chapter 4 (see Fig. 4.4). Several studies have reported 
positive or negative PEs in soils amended with biochar (Cross & Sohi 2011; Zimmerman et 
al. 2011; Whitman, Enders & Lehmann 2014; Luo et al. 2017a; DeCiucies et al. 2018; 
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Zimmerman & Ouyang 2019). The extremely low decomposition of biochar observed in 
Chapters 2 – 4 suggests that biochar was not metabolised by microorganisms. This is 
inconsistent with other studies that suggested that the positive PE of biochar was triggered by 
labile C fractions on the surface of the biochar, which activated microorganisms and thus led 
to co-metabolism of SOM (Zimmerman 2010). In a recent study, Zimmerman and Ouyang 
(2019) attributed the priming of labile organic matter by biochar to the provision of habitable 
surfaces that encouraged microbial growth and activities. There are many different subsrates 
and production methods such as the pyrolysis temperature and duration used for biochar 
production, so different biochar will differ greatly in their chemistry. We suggest that due to 
its high stability, biochar likely promoted SOM decomposition by changing the physio-
chemical characteristics of the soil (e.g. porosity, bulk density and pH) (Sohi et al. 2010; Luo 
et al. 2017b).  
The studies in this body of work used shading (Chapter 2), trenching (Chapters 3 and 4) and 
mesh exclusion collars (Chapter 5) to exclude supply of C to roots and ECM fungi. The 
advantage of shading compared to other root exclusion methods such as trenching and collar 
insertion is that soil disturbance that may alter soil processes is avoided. Although shading 
offered a less destructive and effective method of excluding root input into the soil in 
mesocosms of young trees, it might be technically challenging to use shading for mature 
forests with closed canopy without altering the soil temperature and site climate. Moreover, 
root input may not be completely eliminated, and the use of stored root C may contribute to 
root respiration (Kuzyakov 2006). The dead root biomass in trenched/shaded treatments may 
also be used as substrate by soil heterotrophs thereby resulting in the overestimation of 
heterotrophic decomposition (Kuzyakov 2006). In our studies, correction for decaying roots 
that may contribute to heterotrophic decomposition following trenching and mesh collar 
insertions, was made to avoid overestimation of heterotrophic decomposition when 
comparing treatments and control soils. The lack of water uptake by roots in treatments 
compared to controls may also be a source of bias (Subke et al. 2006). Soil moisture did not 
contribute to the bias in these studies as it did not differ between treatments in the shaded, 
trenching and mesh collar treatments. However, this suggest the estimates of components in 
the study should be interpreted with caution as it is possible that the contribution of roots was 
not completely eliminated in the treatments. This might have contributed to the lack of 
rhizosphere effects on litter or substrate decomposition between treatments in Chapters 2 – 5. 
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For further investigations, trenching and collar insertions for root exclusion should be done at 
depths greater than 30 cm, which will totally eliminate root activities in the treatments. 
 
6.3 Conclusion 
Our findings have highlighted the link between aboveground assimilation by trees and 
belowground processes. They demonstrated that the addition of both simple and complex 
substrates may accelerate the decomposition of SOM by stimulating microbial production of 
enzymes that are involved in the degradation of the limiting resources. These findings are 
critical for the prediction of the response of terrestrial C sink, of which forest soils are a 
major fraction, to global change. Elevated atmospheric CO2 and its consequent global 
warming could influence ecosystem processes such as photosynthesis, belowground C 
allocation, respiration, and nutrient cycling, all of which may affect soil C storage. There is 
considerable concern that increases in temperature will result in the release of CO2 from soils, 
with a positive feedback for global warming (Yu et al. 2015; Wang et al. 2015b; Chen et al. 
2015, 2018; Crowther et al. 2016). The increases in soil-derived CO2 following the input of 
fresh simple or complex substrates especially when combined with assimilate C supply 
observed in this body of work supports the conclusion that rapid SOM decomposition 
observed under elevated CO2 conditions is caused by greater exploration of microorganisms 
for limiting N with increased availability of C from rhizodeposition and litter input (Zak et al. 
2011; van Groenigen et al. 2014; Vestergård et al. 2016a). Forest ecosystems will likely 
sustain primary productivity under elevated CO2 conditions by allocating a significant portion 
of their assimilate C to their associated ECM fungi partners to enhance N acquisition (Norby 
et al. 2010; Drake et al. 2011; Phillips et al. 2012; Terrer et al. 2016). However, our studies 
found no evidence to support that positive rhizosphere PEs, whereby the presence of roots 
and their associated ECM fungi accelerates the decomposition of fresh litter or substrates, 
mainly by releasing labile C such as root exudates to the soil. Instead, our results indicates 
that the allocation of C by roots to their ECM fungi partners may likely influence SOM 
decomposition by competing with free-living saprotrophs (Orwin et al. 2011; Averill & 
Hawkes 2016). This suggests that plants do not influence SOM decomposition by merely 
supplying labile C to the rhizosphere that stimulates microbial activities. Instead there is a 
complex plant-soil interaction between the mycorrhizal fungi and free-living decomposers 
that is poorly understood. There is therefore a need for further work to clearly demonstrate 
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the role of ECM fungi in the turnover and storage of C in forest soils by excluding ECM 
fungi from areas of soils, in combination with molecular and other modern techniques to 
measure changes in microbial communities. This should also be coupled with the 
measurement of enzyme activities to improve our understanding of the particular decomposer 
communities involved in the turnover of C, and the mechanisms behind these processes.  
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Appendix 1 
Table S1 Chemical composition of adjusted Modified Merlin Norkans (MMN) growth medium (Marx, 
1969) to culture ECM Hebeloma crustuliniforme for the production of 13C-labelled fungal necromass  
 DJ-MMN: 
In 1 L distilled H2O 
Malt extract 10 g 
D-glucose* 1 g  
(NH4)2HPO4 2 ml 
KH2PO4 10 ml 
MgSO4.7H2O 2 ml 
CaCl2.2H2O 2 ml 
FeCl3.6H2O (2%) 1.2 ml 
NaCl 1 ml 
Thiamin HCl† 100 µl 
pH 5.5 – 5.7 
Agar (oxoid No. 3)‡ 15 g 
*13C-labelled medium contained 20% 13C-labelled d-glucose (U-13C6, 99 atm%), 80% non-labelled d-
glucose 
†Added aŌer autoclaving at 121 ⁰C for 15 minutes.  
‡agar excluded from liquid media 
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Figure S1 Priming effect in un-shaded and shaded treatments induced by the addition of glucose, 
straw residues, fungal necromass or biochar presented as percent of respective control. Different 
letters above bars indicate significant differences among treatments (P < 0.05).  
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Figure S2.  Relationship between actual total and estimated total fine root biomass C obtained from 
seven core samples where roots were thoroughly picked (see root biomass section in methods).  
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